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 The processes of making biodiesel from algae include the following essential 
steps: the growth of algae in a photobioreactor, lipid extraction to harvest the biocrude, 
and transesterification to turn biocrude into biodiesel. The objective of this research 
project is to improve these steps of biodiesel production. First, we developed a new 
highly scalable Periodic Symmetry Defined Bioreactor (PSDB). We evaluated its 
scalability by comparing the algae growth rate of three different sized PSDBs (i.e., 1-cell, 
7-cell, and 19-cell), and an algae growth model was proposed and used to evaluate the 
optimal height of the PSDBs. The theoretical energy requirement for PSDBs were 
assessed and compared to that for the traditional raceway pond. Second, we proposed 
using a confined impinging jet mixer (CIJM) to implement a liquid-liquid extraction 
process given that lipid harvest remains one of the most challenge problems in algal fuel 
production. The CIJM combined algae biomass pretreatment and lipid extraction into one 
single step. The high turbulent mixing in CIJM broke up the algae cell walls, which 
released the lipid inside the algae cells into the aqueous phase and decreased the diffusion 
distance between the lipid and the organic solvent. The CIJM extracted the algae 
biocrude directly from the algae suspension with the yield of 25.6±2.7% (lipid 
biocrude/algae biomass). The multistaged extraction of CIJM was performed, and the 




models were proposed to estimate the yield of biocrude. Third, we blended biodiesel with 
waxy crude oil to decrease the wax appearance temperature (WAT). Biodiesel is a 
potential diluent for the waxy crude oil produced in the east Utah. The performance was 
verified by using the Fourier transform infrared spectroscopy (FTIR) method. At the 30% 
weight-mixing ratio (diluent wt./total wt.), the WAT of waxy crude oils dropped from 
45.1 to 42.4oC for Yellow Wax and from 41.6 to 37.7oC for Black Wax. The energy 
analysis for the whole processes of biodiesel production from algae was performed. By 
using the proposed technologies, the total energy requirement for algae biodiesel 
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Algal fuel, one of the most promising alternative fuels, has generated increasing 
attention due to global warming, high fuel demand, and the world food crisis. Burning 
fossil fuels will produce greenhouse gases that lead to global warming. Unlike fossil 
fuels, Algal fuel is a carbon neutral fuel, which means the CO2 emitted by burning algal 
fuel is the same CO2 captured during cultivation. During cultivation, algae captures CO2 
and converts it into lipids by photosynthesis [1, 2]. We can connect the algae growing 
device (such as photobioreactor, and open pond system) to a CO2 source (such as power 
plant, highway, and industrial factory). Several studies demonstrate that algae may be 
cultivated using flue gas exhausted from the power plants [3-5]. According to the forecast 
from the Energy Information Administration (EIA), the energy demands will increase 
37.6% from 86.8 billion barrels per day in 2010 to 119.4 billion barrels per day in 2040 
[6]. Renewable energy includes biofuel (including biomass to liquids) that has the highest 
increase rate (2.5% per year) compared to the other alternative energy source [7]. There 
are 7.3 billion people on the earth right now, which is predicted to be 9 billion people in 
2040 [8]. These newborn populations will create massive food demand. Unlike first 
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generation biofuel which uses food crops like corn and vegetable oil as the fuel source, 
algae can be grown on nonarable land and with saline water, wastewater, and 
producewater [9, 10]. It means algae can be grown almost anywhere warmer than 20OC 
even in the desert [11-13]. At the same time, unlike second-generation biofuel that uses 
the lignocellulose biomass and suffers from complicated harvest steps, algae has a more 
simple structure and produces more lipids per unit area. Microalgae (small phototropic 
cellular organisms; macroalgae are plants like kelp) containing 30% lipids of their dry 
biomass, some species can even reach 70% [14].  Microalgae can produce 97,800 liters 
biodiesel per hectare per year, which is significantly more than the other biodiesel 
sources like soybeans (446 L/ha/year), sunflowers (952 L/ha/year), palms (5950 
L/ha/year), corns (172 L/ha/year) and rapeseeds (1190 L/ha/year) [15]. According to the 
U.S. Department of Energy, approximately 3.88.1010 sq. m of land to grow the 
microalgae for the total replacement of petroleum [16, 17]. Furthermore, the growing 
cycle of microalgae is about 7-14 days, which is relatively short compared to the other 
annual crops [1].  
Due to the highly unsaturated fatty acid, algal fuel is relatively unstable and 
biodegradable [12]. These features decrease the environmental impact if leaking or 
spilled [14]. Microalgae can be converted into a lot of different biofuels includes 
biodiesel, ethanol, butanol, acetone, biogasoline, and jet fuel [1, 18-21]. The flow chart of 
algae biodiesel production is shown in Figure 1.1. 
The benefits of algal fuels include high productivity, noncompetitive with food 
crops, conservation of fresh water, biodegradable, carbon neutral, and the diversity of 
biofuels. These are essential features that minimize the impact on food production and the 
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environment, making microalgae one of only a few alternative fuel candidates that can 
potentially entirely replace fossil fuels for transportation fuel usage.  
However, technological and economic barriers to industrial scale-up remain. The 
first problem is temperature control. The optimal growing temperature of microalgae 
varies from species to species, but it usually between 25-30oC [11, 12, 22]. The growth 
rate will decrease when the temperature is too low (<16oC) and microalgae will be killed 
when the temperature is too high (>35oC) [23]. The temperature can be controlled by 
adding cooling flow or air conditioning, but it will increase the capital cost. The algae 
need fertilizer to provide nitrogen and phosphorus. But these fertilizers will create a lot of 
CO2 emissions that neutralize the CO2 absorbed during algae cultivation. A carbon 
neutral fertilizer or sufficient nitrogen source needs to be found to make the whole 
process environmentally friendly [24]. Algal fuel is still a relatively new technology. 
There are still a lot of processes steps that need to be optimized includes algae strain 
selection, cultivation, lipid extraction, biocrude purification. According to Table 1.1, the 
oil content varies from species to species and would also be affected by the culture 
condition such as nutrients concentrations. Different microalgae also has different growth 
rate. Therefore, we should try to find the species that grow fast and also accumulate more 
lipids. Once we can solve the problems mentioned above, we can start to produce the 
carbon neutral, sustainable fuel to replace the fossil fuel. Table 1.2 shows the advantages 
and disadvantages of algae biofuel. 
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Algae Cultivation Parameters 
Growing microalgae mainly requires light, carbon sources, and nutrients. To build 
an artificial system for algae cultivation, we must reproduce the environment where wild 
algae live.  The important factors that will affect algae growth include light intensity, 
carbon dioxide supply, medium mixing, oxygen and autoinhibitory removal, temperature, 
and the pH levels [25].  
 
Light 
Light provides the required energy for algae photosynthesis reaction. The source 
of light can be classified into two areas: light from the sun or other artificial devices likes 
a lamp, laser, LED, and so forth. Sunlight is free but suffers from diurnal cycle and 
seasonal effect. Artificial light is relatively stable but increases energy input dramatically. 
Both intensity and spectral quality should be considered when we are choosing a light 
source. The efficiency of algae photosynthesis vary with different spectral quality, as 
some algae favor red-yellow spectra more than the blue region [26]. Using the dye 
solution to absorb the certain range of spectrum or grating to block light can modify the 
light spectrum. Light intensity is also a critical factor for algae cultivation. The 
photosynthesis efficiency will increase when the light intensity increases, but when it 
reaches the saturation intensity the productivity will start to reach the steady state. If the 
light intensity is higher than a particular point, the photosynthesis efficiency will decrease 
dramatically due to photoinhibition [27]. 
 




Carbon is the essential element of photosynthesis reaction. It dissolves in water at 
about 0.03% (volume). But 0.03% is not enough for algae growth; so additional CO2 
should be supplied to the growing culture. The minimum and maximum limit of CO2 is 
still unknown [28]. But it is commonly considered that the growth rate of algae will 
decrease when the CO2 concentration is more than 1% [25]. Additional CO2 can be 
supplied in the form of bubbles. The other more expensive way is using bicarbonate salt 
to increase the CO2 concentration in the growing medium. 
 
Mixing 
Mixing can help algae cell suspension in the growing culture and prevent 
deposition on the bottom and side wall, increase light utilization efficiency, increase gas 
exchange include CO2 dissolving and O2 removing, enhance nutrient distribution, and 
improve temperature uniformity [25]. The two most common ways to mix the algae 
growing culture are: air bubble and hydrodynamic flow [29]. However, if the mixing is 
too fierce, the hydrodynamic stress will affect the algae growth or even destroy the cell 
[30].  The design of the mixing system is also the key factor of the construction cost and 
operation cost for the algae cultivation system. 
 
Nutrient Supply 
The nutrient is also the essential component for algae growth. The most important 
elements for algae growth include carbon, nitrogen, phosphorus, oxygen, hydrogen, 
sulfur, magnesium, sodium, calcium, chlorine, and potassium [25]. These elements are 
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estimated based on the algae composition [31]. Nitrogen is considered to be the critical 
factor that affects lipid accumulation; experiments show that nitrogen limitation helps 
lipid formation [32, 33].  When the primary nutrients are insufficient, algae may release 
the autoinhibitory as a self-defense mechanism [25]. The sources of the nutrients can be 
wastewater or directly support in the form of the salt, but it will increase the cost and also 
have carbon footprint issues [24]. Therefore, nutrient supply is still one of the barriers for 
algal fuel to scale-up that needs to be overcome.   
 
Temperature 
Just like most the other plants, the temperature is crucial to algae growth. Algae 
can be grown in a certain temperature range (15-40 oC) [25, 34]. Within this range, the 
algae growth rate increases until the ideal temperature is reached. But if the temperature 
lower or higher than this range the growth rate will drop dramatically [25, 33]. If the 
cultivation system is placed outside, the temperature control will be much harder than in 
the indoor system because it is affected by the diurnal cycle and seasonal effect. There 
are several ways to control the temperature includes the heat exchanger, greenhouse, and 
water spray, but they will also increase the cost [35]. Consequently, the temperature is 
also a technical barrier for algal fuel. 
 
pH 
The pH value of external culture medium will also affect the algae photosynthesis 
efficiency. The pH value will affect the CO2 diffusivity, liquid chemistry, and the 
availability of nutrients [36]. The experiments show that the photosynthesis efficiency of 
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Coccochloris peniocystis optimally in the pH range between 7.0 and 10.0, but starts to 
decreases dramatically out of this range [37]. During cultivation, the pH value of the 
culture will gradually increases due to the consumption of carbon dioxide [38]. 
Therefore, one should monitor the pH value of the cultivation system to ensure the 
optimal growing condition. 
 
Algae Cultivation Technologies 
Open System 
There are two primary types of algae cultivation, open systems and 
indoor/covered systems. The open system can be classified into two different types: the 
natural reservoir (lake and pond) and the artificial pond [39].  A commonly used open 
system is called raceway pond; because it is built like a racetrack. The water, algae, and 
nutrients were circulated by a paddlewheel. The fresh algae broth was introduced from 
one side, and the matured culture was pouring out from the other end. The gas sprayer 
can be installed to increase the CO2 availability [40].  The continuous flow will keep 
algae suspended in the culture without extensive deposition on the bottom. The raceway 
pond system is usually shallow (between 0.2-0.5m) because sunlight can only penetrate 
to a certain depth [39]. This feature will increase the need for more lands. Because it uses 
sunlight as the light source, it will suffer from uneven light intensity due to diurnal cycle 
and seasonal effect. The raceway pond is usually made of concrete to save the 
construction cost. The open systems suffer from cold weather, wild microorganism 
invasion, evaporation losses, and contamination due to the coverless feature [29]. 
Temperature has a major effect on algae cultivation.  If the temperature is not kept within 
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the certain range, the productivity of open ponds in winter will be affected [39]. To solve 
this problem, we can build a transparent cover on top of it, like a greenhouse, to enable 
temperature control and prevent contamination; however, it will increase the capital cost 
substantially. Contamination and wild microorganism are fatal defects for the open 
system. During the growing cycle, algae culture can be easily attacked by bacteria or 
other species algae [41]. Therefore, the open systems need to be built in a selective 
environment [42]. Multispecies algae can also increase the resistance of contamination. 
However, some people are still using the open monoculture system. For example, Lesley 
et al. [43], grow unicellular alga Dunaliella salina in Western Australia with extremely 
halophilic water. Table 1.3 shows that the annual production rates for open systems are 
between 10 to 25 g.m-2day-1.  Therefore, open systems are more scalable than close 
systems, but not as efficient as close systems. 
 
Close System 
Closed-loop systems include bubble columns, flat panels, tubular systems, and 
stirred tank photobioreactors, etc. [44]. Flat panel and tubular systems are usually placed 
in an outdoor environment. These outdoor-closed systems take advantage of the free sun 
light. Compare to the open systems, close systems provide a higher level of control for 
growing parameters (e.g., air flow rate, liquid flow rate, nutrient concentrations, pH, and 
evaporation loss) and remain free from contamination [45]. The closed systems permit 
monoculture microalgae cultivation [1]. A higher level of control for growing condition 
leads to a higher production rate and a higher biomass concentration, which will help 
decrease the harvest cost [25]. However, because these closed systems are placed in the 
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outdoor environment, they suffered from the outdoor conditions, such as temperature 
fluctuation and uneven light intensity. The indoor closed system, like bubble columns and 
stirred tank, are used to conquer these defects. Without using the sunlight, the indoor 
closed systems usually use artificial lights, such as LED, light tubes, or optical fibers [46-
48]. By using the artificial lights, the light intensity, distribution, and spectral quality can 
be modified [49]. The temperature control for the indoor closed systems would be much 
easier in comparison with that for the outdoor systems. The indoor photobioreactors have 
the highest production efficiency, but they are also more expensive to construct and 
operate. They are not economically feasible to be used in biodiesel production processes. 
The biomass productivities for closed photobioreactors are shown in Table 1.4. 
 
Bubble Column Reactor 
The bubble column reactors are comprised of a cylindrical tube and the gas 
sprayer at the bottom (Figure 1.2a). The light sources can be placed externally or 
internally [50, 51]. The diameters of the columns would not exceed 0.2 m because light 
can only penetrate certain depth [52]. Due to the structural reasons and mutual shading 
problems, the heights of the bubble columns should below 4 m [52]. The critical 
operation parameter of bubble column is the aeration rate. The bubbles increase the gas 
exchange efficiency and it help to provide carbon dioxide and remove the oxygen 
produced by photosynthesis. The aeration rate has upper and lower limits, where the 
minimum aeration rate can prevent settlement, and the maximum aeration rate helps 
maintain the acceptable turbulent level without damaging the cell [53]. If the aeration rate 
is too high, it will generate microbubbles, which will accumulate and then block the light 
   
 
10 
penetration [52]. Bubble column photobioreactors have low capital cost, high surface-
area-to-volume ratios, and no moving parts.  
 
Flat Panel Reactor 
The flat panel reactors were invented in the 1950s [54, 55]. It received a lot of 
attention and investigation due to the large illumination area and minimal light path. The 
shape of a flat panel reactor is cuboid (Figure 1.2b), and the algae cultures are trapped 
between the two transparent plates and are circulated by a gas sprayer at the bottom. The 
flat panel reactors can be placed horizontally or vertically. The largest wall of the vertical 
flat panel reactor is orientated north-south to increase the absorption of sunlight [56]. The 
light sources are placed on both sides of the vertical flat panel reactors when the artificial 
lights were used. Some commercial flat panel reactors also equipped temperature 
controller, pH monitor, and optical density detector, to control the growing parameters 
[57]. The transparent walls of flat panel reactors are usually made in plastic or glass. 
There is a new type of flat panel reactor was comprised of metal frame, and plastic bag 
that contain the algae culture [58]. This type of flat panel reactor is easy to replace if 
containment or leak. The flat panel bioreactors have the minimal light path. The mass 
productivity per unit volume of flat panel bioreactors is approximately 1.7 times higher 
than the bubble column bioreactors [59]. The amount of dissolved oxygen that produced 
by photosynthesis of algae in the flat panel reactors is lower than that in the tubular 
reactors [29]. However, compared with the tubular reactors, the flat panel reactors are 
relatively hard to scale-up due to the geometry restriction.  
 




Tubular reactor systems are comprised of two main parts: tubular array and gas 
exchanger (Figure 1.2c). Algae cultures are circulated by either a mechanical pump or an 
airlift pump, which is placed between the tubular array and the gas exchanger. The 
mechanical pumps are easy to install and operate, but the high stress caused by the 
circulating fluid might damage the algae cells [53, 60]. The airlift pumps are gentler than 
the mechanical pumps, and the gas bubbles can also facilitate the gas exchange [61-63]. 
The flow is maintained in highly turbulent to prevent algae settlement. The algae collect 
sunlight during the circulation in the tubular array. The diameter of the tubular array is 
usually 0.1 m or less because sunlight can only penetrate a certain depth. These tubes are 
made of transparent materials such as plastic or glass to allow sunlight penetration. To 
get maximum light energy utilized, the tubular array can be placed horizontally, or 
inclines toward the sun. In order to increase the reflection, a light reflective material (e.g., 
mirror) is placed on the bottom of the tubular array or the bottom of the array and it is 
painted in white [64].  However, some tubular systems with artificial illumination are 
placed in an indoor environment for the production of highly valuable algal products 
[35]. To maximize the density of the tubular array in an unit area, the tubular array is 
arranged like a fence [1].  The gas exchanger is used to remove the oxygen generated in 
the tubular array during the photosynthesis of algae. The gas-liquid separator is used to 
remove all the dissolved oxygen bubbles [65, 66]. If the oxygen level is too high (400% 
of air saturation value), it will inhibit the photosynthesis and produces photooxidative 
compounds, which will damage the algae cells [61]. Therefore, the tube length cannot 
exceed the certain length (usually 80 m), but it also depends on the other factors, such as 
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flow rate, tube diameter, and light intensity [1, 61]. Some tubular systems are equipped 
with carbon dioxide injectors, pH monitors, and heat exchangers in gas exchangers to 
improve the control of environmental parameters [64, 67]. 
 
Stirred Tank Reactor 
The stirred tank reactors are comprised of a cylinder tank, motor powered 
impellers, the air sprayer, and the gas-liquid separator (Figure 1.2d). The air sprayer is 
place on the bottom and the gas-liquid separator is positioned on the top of the tank to 
remove the excess bubble and the oxygen produced by the photosynthesis of algae [44]. 
Due to the mechanical stirring, the stirred tank photobioreactors have better liquid-gas 
mixing [68], but the low surface-area-to-volume ratio decreases the light utilization [44]. 
To increase the light utilization, the internal illuminations are used in stirred tank reactors 
[69-71]. The temperature controller, pH controller, dissolved oxygen concentration 
monitors are installed in the reactors to control and monitor the growing parameters [72]. 
Due to the effective control of growing parameters, the stirred tank reactors have high 
production rates. However, the construction and operation costs are also greater than the 
other reactors. 
 Although each of the photobioreactor has advantages, challenges remain (Table 
1.5). The open systems are cheaper and highly scalable, but not so productive in 
comparison with the close systems. The close systems have higher production rates, but it 
cost more due to the control of growing parameters. However, none of these 
photobioreactors can have high-energy efficiency, low construction cost, low operating 
cost, and high scalability simultaneously. Therefore, a new type of photobioreactor or 
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After cultivation, the centralization of the algae biomass from the matured culture 
is another technical barrier. The mature algae culture produced from either open systems 
or close systems both contain more than 99% water in total mass [73]. Thus, dewatering 
is the critical steps in algae harvesting.  The algae have low specific gravity and negative 
charges on the surface, which keep them suspended in the water [73, 74]. These features 
make them hard to separate from growing water. There are two ways to separate the algae 
from the water that increase gravity separation rate and neutralize the negative charges by 
adding coagulating agents [75, 76]. The harvesting steps can be classified into primary 
and secondary harvesting. Primary harvesting is the first dewatering step that is achieved 
by natural sedimentation or flotation technology [77, 78]. It will give an algal slurry with 
about 0.5-6% weight percent of algae biomass [73]. Secondary harvesting will 
concentrate algal slurry further more to get 10 to 20% weight percent of algae biomass 
[73]. It can be done by centrifuge or belt filter press [76, 79].  
 
Gravity Sedimentation 
The gravity sedimentation is trigger by gravitational force. The algae cells will 
settle at the bottom due to the higher specific gravity in comparison with growing culture. 
However, due to the specific gravity, difference between algae and water is quite small, 
the settlement time is very long. Due to the poor compaction of algae slurry, the weir 
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overflow rate should not be too high to prevent resuspension [80]. The gravity 
sedimentation also requires a lot of land, which make it unfavorable even it is a relatively 
inexpensive procedure [74]. 
 
Dissolved Air Flotation 
The dissolved air flotation (DAF) uses air as a carrier to collect the algae cells 
from the culture. This process contains two steps: dissolve gas into algae culture and 
recover the air bubble with the algae adhered to it [73]. The matured algae biomass was 
first compressed in the saturator. Base on Henry’s Law, the gas solubility will increase 
when the pressure increases. Therefore, a certain amount of gas will dissolve in the algae 
solution when the solutions were compressed. The compressed algae cultures are then 
released to the flotation cell which contains coagulating agents [73]. Due to the pressure 
drop between saturator and flotation cell, the dissolved gas is released back into the 
atmosphere in the form of small bubbles. During the release process, the algae cells will 
adhere to the bubbles and be carried to the surface [81, 82]. The algae cells accumulated 
on the surface are collected by the skimming mechanism with a part of recycle flow to 
repeat the process mention above [83]. The researchers have found the optimal operation 
parameters. The bubbles size should be between 10 and 100 µm [81, 83-85]. The pressure 
applied in the saturator can be used to control the bubbles sizes. The minimum pressure 
to achieve the optimal sizes of bubbles is about 390 kPa (56 psig) [81]. The DAF is 
reported to have 99% of algae removal efficiency [86]. However, it is suitable to be used 
in biofuel production due to the intensive energy consumption. 
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Suspended Air Flotation 
The suspended air flotation (SAF) is similar to the DAF. The compressor in DAF 
consumes a lot of energy, which make DAF an energy intensive process. The SAF use 
surfactants that can produce gas bubbles to replace the compressor in DAF to solve this 
problem [73, 77]. The surfactants are selected to be positive charged, which will increase 
the aggregation rates of negative charged algae cells due to the electrostatic attraction 
force [77]. Unlike DAF that needs high-pressure saturator to dissolve gas into algae 
culture, the SAF only needs mixing vessel for the mixing of surfactants and algae culture. 
This feature will save a lot of energy for operation. The SAF also has higher loading rate 
and use about 60 times less flotation water in comparison with the DAF. The major 
drawback of SAF is that the surfactants will increase the carbon footprints for the whole 
process [73]. 
 
Electrocoagulation and Electroflotation 
The electrocoagulation and electroflotation are the derivative from the flotation 
technology. The system contains metal electrode in the mixing vessel that is applied 
direct current to the algae culture [87-89]. It uses consumable metal electrodes (usually 
aluminum and iron) to generate cation, which will hydrolyze into aluminum or polymeric 
iron that can be utilized as coagulating species [88, 90, 91]. During the electrochemical 
reaction, the hydrogen and oxygen are generated at anode and cathode [89]. These 
bubbles will carry the adhered algae cells to the surface just like the DAF and the SAF. 
The algae cell accumulated on the surface will be collected by a skimming mechanism 
[89]. The size of bubbles and the concentration of cation in the solution can be controlled 
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by the current density applied [73]. The adequate size of bubbles for this system is 
between 17 to 40 µm [92]. This technology combines dissolving air and adding coagulate 
agents in one step, which will save the operation cost and reduce the complexity of the 
process. However, there are not enough research data to support that electrocoagulation 
and electroflotation is suitable for algae harvesting presently [73, 93].   
 
Centrifugation 
Centrifugation uses centrifugal force to speed up the separation between the algae 
cells and the growing culture. It is the most common harvesting method being used in the 
laboratory. It can concentrate algae to into slurry with 10 to 22 weight percent [79, 94]. 
Centrifugation is fast and efficient, but it costs a lot of energy for operation. Some 
authors argue that centrifugation can be used in secondary harvesting to avoid the pre-
concentration cost [73]. The power rate of centrifugation is approximately 3000 kWh per 
unit ton of dry algae biomass [95].  
 
Belt Filter Press 
The belt filter press process is a dewatering technology commonly used in 
industry. It uses gravitational force and a mechanical press to remove the water from the 
algae slurry [96]. The algae slurry is fed between two moving filter cloths, and the rolling 
belt carried the algae slurry will first passed a gravity section where the liquid is extracted 
by gravity [97]. Afterward, it will enter the low-pressure section where the slurry will be 
squeezed by the rollers to remove the liquid inside [97]. Belt filter press can generate 
algae biomass with about 18% weight percent [79]. It’s a relatively energy efficient 
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technology in comparison with the centrifuge [73]. However, the disadvantages of the 
belt filter press are leaking and preconcentrated algae biomass needed. The input algae 
slurry of the belt filter press should be treated by primary harvesting first [73]. The belt 
filter press can only be used in some large algae species given that some small algae cells 
will leak through the pores on the belt during the process [76]. 
 
Drying 
Some further processes require extremely dried algae biomass [98]. Drying 
microalgae require a lot of energy because of the high latent heat of water (336 kJ kg-1) 
[99].  There are several ways to dry the algae biomass: solar drying, spray drying, and 
freeze drying [98].  Solar drying is the most inexpensive method because it does not need 
any charged energy input but just free solar energy [39]. However, solar drying requires a 
large land field, and the drying rate depends on the weather condition [98]. The spray 
method has been successfully used in drying Dunaliella [76]. But the energy requirement 
of spray method is more than solar drying method [39]. Freeze drying method is widely 
used in the laboratory, but it’s too expensive for large scale process [100].  
 After all, none of the technologies mentioned above are perfect (Table 1.6). The 
decision of dewatering methods depends on the next steps of the process. Take making 
biodiesel as an example; the next step is lipid extraction. If one chooses a mechanical 
press method to extract lipid, then the further concentrated algae biomass will be needed. 
If one uses chemical solution extraction, then it only requires concentrated algae solution. 
Therefore, a comprehensive evaluation is needed when we choose the harvesting 
technology. 
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Algae Lipid Extraction 
Lipid harvest is the key barrier of biofuel production. Lipid extraction may be 
accomplished by mechanical or chemical methods [2]. The mechanical methods usually 
use mechanic force to break up the algae cell walls to release the lipid inside. The 
chemical methods often use intermediate solvents to extract lipid by diffusion, which is 
driven by concentration gradient [101]. Some harvest technologies require wet 
concentrated inputs and some require dry algae powder. Drying processes remove the 
free water before extraction, but are very energy intensive. The mechanical methods 
include expeller, ultrasonic, and microwave method [102]. The chemical methods include 
the chemical solvent, supercritical carbon dioxide, and ionic liquid extraction method 
[103].  
 
Lipid Composition of Microalgae 
The lipid composition of microalgae may vary from cell to cell and between 
species, but not all lipids can be converted into biodiesel.  Lipids may be classified as 
polar or neutral, based on the polarity of the molecular head group [104].  Neutral lipids 
include acylglycerols and fatty acids. Some neutral lipids do not contain fatty acids 
including sterols, ketones, and chlorophylls. Polar lipid can be classified into 
phospholipids and glycolipids [105]. Among lipids, acylglycerols including 
triacylglycerols, diacylglycerols, and monoacylglycerols, may be converted into 
biodiesel.  Other lipids are not readily convertible to biodiesel. The lipid composition 
may also be affected by the growing condition, just like temperature, light intensity, 
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nutrient composition, and pH [101]. The lipids contain in microalgae have carbon train 
length between 12 and 22 [2].     
 
Expeller Pressing 
Expeller pressing is widely used in food industry to extract oil from nuts and 
seeds [106]. It uses mechanical press to break up the algae cell walls to release the lipid 
inside [101].  Expeller can extract about 75% of lipid and still some lipid left in the 
pressed cake [107].  It is easy to operate and conserve the purity of biomass without 
adding chemical solvents. But it is a slow process and requires a lot of dry algae biomass, 
which will cost substantial energy for drying [108]. Expeller pressing is not suitable for 
biofuel production process due to the low efficiency and high-energy consumption. 
 
Ultrasound Assisted Extraction of Oil 
Ultrasonic-assisted extraction uses cavitation to destroy the cell wall [103]. 
Cavitation is caused by the bubbles explosion where the bubbles were generated by 
intense sonication (higher than 20 kHz) [109]. When the bubbles exploded near the algae 
cells, the shock wave and shear force created by high-speed liquid jet will damage the 
cell walls and release the lipid inside [101, 110]. Ultrasound-assisted extraction is fast, 
effective, and solvents free [103]. The most significant advantage is that it works for wet 
algae culture, which will save a lot of energy for drying. However, it still requires certain 
energy to generate the ultrasonic wave. The impact of oil quality and stability of 
ultrasound-assisted method is still undetermined [103]. Overall, this technology is not the 
primary lipid extraction method for algae.     
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Microwave Assisted Extraction of Oil 
Microwave assisted extraction method uses heat to increases the mass transfer of 
lipids from algae cells to the bulk solvent [111]. Microwave heating is noncontact 
heating, which the microwave can penetrate the cell walls to interact with polar 
molecules [101]. The whole cells are heated simultaneously and uniformly [111]. The 
mass transfer and heat transfer have the same direction from inside of algae cells to bulk 
solvent [112]. Microwave assisted extraction can speed up the process and increases the 
yield of the traditional chemical solvent methods [111]. But is still use toxic solvents and 
energy intensive, thus, it is hard to scale up for the biofuel production processes. 
 
Solvent Extraction Method 
Among chemical methods, organic solvent extraction is the most common 
chemical method used to extract lipids from algae. In this method, the lipid held in the 
algae cellular matrices migrates into the organic solvent phase due to a concentration 
gradient between them. Extraction may be performed near room temperature or at 
elevated temperatures [113]. These processes usually require a few minutes to a few 
hours and extract about 6.3% to 28.6% of lipid on a dry mass basis [109, 114]. To shorten 
the process time, increasing temperature (20 to 200oC) and pressure (10 to 15 MPa) have 
been used [101, 115]. The high temperature will help to increase the diffusion rate, and 
the high pressure will keep the solvent in the liquid state for safe and fast extraction 
[101]. Usually, the combination of polar (i.e., methanol and ethanol) and nonpolar (i.e., 
hexane and chloroform) solvents are used to extract both neutral and polar lipids [2]. The 
polar and nonpolar solvent ratio will affect the extraction efficiency. The most widely 
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used recipe is chloroform/methanol (1/2 v/v) [101, 116]. To minimal the cost for 
downstream purification, the selected solvent should have high levels of specificity 
towards target component like triacylglycerols [101]. The solvent boiling point should 
also be as low as possible to reduce the distillation cost [101]. Because the chemical 
solvent method is driving by diffusion, when the concentration of lipid in the bulk solvent 
reach the same level as inside the algae cell the diffusion will reach steady state and the 
concentration would not change anymore. The continuous solvent extraction like Soxhlet 
reactor is used to conquer this problem [2]. The other way is using mechanical assistance 
to break the cell wall like ultrasound and blender [101, 117]. The main disadvantages of 
organic solvent extraction are its heating cost, the toxicity of solvents used, and the long 
residence time required for lipid diffusion or low yield [118]. The advantages include 
consuming minimal amounts of energy and bypassing the algae drying process because it 
operates in wet environments.  
 
Supercritical CO2 Extraction 
Supercritical fluid extraction is another emerging chemical method. By adjusting 
the extraction pressure and temperature, the solubility may be easily tuned. The partial 
liquid and partial gas characteristics of supercritical fluid accelerate the lipid extraction 
process [119]. Supercritical carbon dioxide remains the most commonly used solvent for 
supercritical extraction. Its low critical temperature (31.1oC) decreases the cost and 
prevents the lipid degradation. However, due to the relatively nonpolar attributes of the 
solvent, supercritical carbon dioxide cannot extract the entire lipid in the algae. Some 
polar cosolvents (like methanol and dichloromethane) may be added to enhance the lipid 
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yield [120]. The operation parameters like temperature, pressure, flow rate, and 
cosolvents will affect the efficiency of lipid extraction [101]. Higher pressure and density 
of CO2 will extract more unsaturated compounds [101, 121, 122]. Supercritical carbon 
dioxide extraction features low toxicity, low flammability, better lipid selectivity, and 
lack of reactivity [123]. But the high construction costs make it challenging to scale up.   
 
Ionic Liquid Extraction 
Ionic liquids are just like salt, which comprised of cations and anions. But ionic 
liquid stay liquid under moderate temperature (0-140oC) [124]. The polarity and 
solubility can be varied by changing the cations or anions [125]. The cations are usually 
nitrogen-containing ring structure and the anions can be single halogen or complex ions 
groups [126]. Due to the strong self-association, ionic liquids have low vapor pressure 
that can reduce the leaking problems during the process [127]. Due to the features of non-
volatile, thermal stability, synthetic flexibility, and easily tuned solubility, ionic liquids 
are treated as a replacement of organic solvents [101, 128]. The limitations of the ionic 
liquid are the high material cost and toxicity [129].  
Overall, the lipid extraction technologies mentioned above still have some 









Figure 1.1. The flow chart of algae biodiesel production. 
Sunlight H2O CO2 Nutrients (N, P) 
Cultivation (open pound, photobioreactor) 
Harvesting (flocculation, centrifuge, drying) 












chlorophyll, sterol… Biocrude 
Biofuel High value byproduct (cosmetic, nutrient…) 
Cell debris 
Biodiesel Biogasoline Ethanol Butanol Acetone Jet fuel 




Figure 1.2. Exemplary photobioreactors: (a) bubble column reactor, (b) flat panel 
photobioreactor, (c) horizontal tubular photobioreactor, and (d) stirred tank 
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Table 1.1. Oil content of some microalgae (% dry weight) 
Species Oil content Reference 
Ankistrodesmus TR-87 28-40 [130] 
Botryococcus braunii 29-75 [17, 131, 132] 
Chlorella sp 28.32 [17] 
Cyclotella DI-35 42 [17] 
Cylindrotheca sp. 16-37 [1] 
Dunaliella tertiolecta 36-42 [133, 134] 
Hantzschia DI-160 66 [17] 
Isochrysis sp. 7-33 [17, 135] 
Nannochloris 20-63 [1, 4, 130] 
Nannochloropsis 31-68 [1, 136] 
Nitzschia sp. 45-47 [1] 
Nitzschia TR-114 28-50 [137] 
Phaeodactylum tricornutum 31 [17] 
Scenedesmus TR-84 45 [17] 
Schizochytrium sp. 50-77 [1] 
Stichococcus 33 (9-59) [102] 
Tetraselmis suecica 15-32 [138] 
Thalassiosira pseudonana 21-31 [139] 
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Table 1.2. The pros and cons for algal fuel 
Advantages Disadvantages 
Carbon neutral fuel Required temperature control 
Reduce CO2 emission Fertilizer needed (increase CO2 emission) 
Fast growth rate Relatively new technology 
High oil% of biomass Hard to scale up 
High lipid yield per unit area  
Not competitive with food source 
 Conserve of fresh water 
 Can be grow on non-arable land 
 Biodegradable 
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Table 1.3. Biomass productivity figures for open pond production systems 
Algae species Xmax (gl-1) Paerial (gm-2 day-1) Pvolume(gl-1day-1) Reference 
Chlorella sp.  10 25 - [140] 
Chlorella sp. 40 23.5 - [141] 
Chlorella sp. 40 11.1 - [141] 
Chlorella sp. 40 18.1 - [141] 
Spirulina platensis - - 0.18 [142] 
Spirulina platensis 0.47 14 0.05 [143, 144] 
Haematococcus 
pluvialis 0.202 15.1 - [145] 
Various - 19 - [146] 
Spirulina platensis 0.9 12.2 0.15 [147] 
Spirulina platensis 1.6 19.4 0.32 [147] 
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Species Reactor type Pvolume (gl-1day-1) Reference 
Porphyridium cruentum Airlift tubular 1.5 [38] 
Phaeodactylum tricornutum Airlift tubular 1.2 [62] 
Phaeodactylum tricornutum Airlift tubular 1.9 [61] 
Chlorella sorokiniana Inclined tubular 1.47 [149] 
Arthrospira platensis 
Undular row 
tubular 2.7 [150] 
Phaeodactylum tricornutum 
Outdoor helical 
tubular 1.4 [151] 
Haematococcus pluvialis 
Parallel tubular 
(AGM) 0.05 [152] 
Haematococcus pluvialis Bubble column 0.06 [153] 
Haematococcus pluvialis Airlift tubular 0.41 [153] 
Nannochloropsis sp. Flat plate 0.27 [154] 
Haematococcus pluvialis Flat plate - [145] 
Spirulina platensis Tubular 0.42 [155] 
Arthrospira Tubular 1.15 [156] 
Chlorella Flat plate 3.8 [3] 
Chlorella Flat plate 3.2 [3] 
Tetraselmis Column 0.42 [138] 
Chlorococcum Parabola 0.09 [157] 
Chlorococcum Dome 0.1 [157] 
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Table 1.5. Advantages and limitations of open ponds and photobioreactors. 
System Advantages Limitations 
Raceway pond Relatively cheap Poor biomass productivity 
 
Easy to clean Large area of land required 
 
Utilizes non-agricultural land Limited to a few strains of algae 
 
Low energy inputs Poor mixing 
 
Easy maintenance Cultures are easily contaminated 
   Tubular  Large illumination area Some degree of wall growth 
 
Suitable for outdoor cultures Fouling 
 
Relatively cheap Requires large land space 
 
Good biomass productivities 
 
   Flat plate  High biomass productivities Difficult scale-up 
 
Easy to sterilize Difficult temperature control 
 
Low oxygen build-up 
Small degree of hydrodynamic 
stress 
 
Readily tempered Some degree of wall growth 
 
Good light path 
 
 
Large illumination surface 
area 
 
   Column  Compact Small illumination area 
 
High mass transfer Expensive compared to open ponds 
 
Low energy consumption Shear stress 
 
Good mixing with low shear 
stress Sophisticated construction 
 
Easy to sterilize 
 
 
Reduced photoinhibition and 
photo-oxidation 
 
   Stirred tank  High gas-liquid mixing Low surface to volume ratio 
 
High biomass productivities Expensive to construct and operate 
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     Table 1.6. Pros. and cons. of harvesting technologies. [73]. 
Harvesting  Advantages Limitations Final Conc. 
Sedimentation Low cost Require large area 0.5-3% 
 





    DAF High efficiency High energy input 3-5% 
  
High capital cost 
 
    SAF Energy efficient Require chemical supply 3-5% 
 
High loading rate 
  




    Belt filter press Fast Require pre-concentration 18% 
 
Matured technology Can't use small algae 
 




    Solar Drying Low cost Require large area - 
 
Free solar energy Slow 
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Table 1.7. Advantages and disadvantages of lipid extraction technologies. 
Production system Advantages Limitations 
Expeller Pressing Solvent free Slow 
 
Easy to operated Low efficiency 
  
Large amount of biomass required 
   Ultrasound Assisted Speed up the process Energy intensive 
 




   Microwave Assisted High yield Energy intensive 
 
Fast Hard to scale up 
 
Reduce solvent usage 
 
   Solvent Extraction Relatively cheap Slow 
 
Easy to operated Toxic solvent used 
 
Easy to scale up Cost energy for solvent recovery 
   Supercritical CO2  Fast Energy intensive 
 
Selectivity for target lipid Hard to scale up 
 
Green solvent used 
 
   Ionic Liquid Extraction Tunable solubility Toxicity 
 
Low vapor pressure Expansive  
 















PERIODIC SYMMETRY DEFINED BIOREACTORS ENHANCE ALGAE GROWTH 
 
Abstract 
Here we explore a new, highly scalable bioreactor design for photosynthetic, lipid 
producing organisms.  Microalgae derived oils have the potential to become an important 
source of transportation fuels, but current photobioreactor designs are not readily 
scalable.  Here we evaluate the productivity of periodic designs that use repeated unit 
cells defined by fluid dynamically driven recirculation profiles so that scale up may be 
achieved simply by increasing (massively) the number of unit cells.  We construct 
photobioreactors with one, seven, and nineteen unit cells containing 13.2, 92.4, and 251 
gal, respectively, to demonstrate scalability.  Development of a kinetic growth model 
accounting for variations in photo intensity versus depth predicts approximately linear 
(instead of exponential) growth as observed in the first week of productivity.  This design 
decreases the required power per volume by over 80% compared to paddlewheel designs, 
and material costs per unit cell decrease with increasing reactor size, because flow 
symmetry defines the boundaries of the unit cells in the absence of internal material 
walls.  These results provide a more efficient path to scale up to commercially relevant 
acreage.   




Although renewable energy sources play a significant role in stationary energy 
production, generating high energy density transportation fuels from renewable sources 
that do not compete with the food supply remains challenging.  Photosynthetic 
microorganisms (e.g., microalgae) have been investigated over past decades as a potential 
solution.  Yet, critical engineering challenges remain that limit the economic viability of 
transportation fuel production from these sources.  For example, state-of-the-art reactors 
remain difficult to scale up.  Although more productive than large stagnant pools, 
paddlewheel driven raceways are inherently limited in their scalability, have moving 
parts, and remain significantly more expensive than open ponds.  Therefore, 
demonstrating scalable photobioreactor designs remains critical to the future of 
microalgae as a potential fuel source, although microalgae are used commercially already 
for higher values pharmaceutical and nutriceutical products. 
Here we evaluate a new photobioreactor design that is inherently scalable.  
Inspired by the periodic fluid recirculation patterns of the well-known Rayleigh-Benard 
instability (i.e., thermally driven recirculation patterns that develop when a lower surface 
is heated) [158], we use forced flow from pumps to guide fluid recirculation within unit 
cells as seen in Figures 2.1-2.2.   
Each unit cell, as in the instability, is defined by the fluid flow profile.  Fluid, 
initially entering the unit cell vertically (downward), impinges on the floor of the reactor 
before flowing laterally as required by the continuity equation.  Lateral flow then collides 
with flow from neighboring cells at planes of symmetry, where continuity again demands 
that the fluid move upward before being picked up by a fluid intake.  The pump re-
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pressurizes the fluid before sending it back into the reactor. This process retains the 
symmetry of the inlet/outlet system, here hexagonal, and allows the internal walls to be 
completely removed because the fluid forces alone preserve the hexagonal symmetry.   
In the remainder of this article, we first evaluate the scalability of this 
photobioreactor by considering algal biomass productivity from reactors with consecutive 
rings containing one, seven, and nineteen unit cells (Figure 2.1b).  We then evaluate the 
influence of fluid depth and present a growth model that varies the photon availability as 
a function of depth and algae concentration to explain the approximately linear growth 
observed in the first week of productivity.  We finally compare the energy consumption 
of these reactors to paddlewheel systems. 
 
Materials and Methods 
Reactor Configuration 
Each reactor (Figure 2.1c) was composed of multiple unit cells with hexagonal 
sides (0.225 m long, 0.495 m depth) selected to be characteristic of typical paddlewheel 
photobioreactors.  Hexagons were chosen because they are the lowest energy solution to 
the unbounded Rayleigh-Benard problem that remains space filling [158-160].  Three 
reactor sizes were constructed consisting of 1, 7, or 19 unit cells in consecutive rings for 
culture volumes of 50 L, 350 L, and 950 L, respectively, when filled to 0.38 m (Figure 
2.1b).  The outer edges and floor of the reactor (bold in Figure 2.1b) were constructed out 
of acrylic due to facilitate visual observation.  For the 19 unit cell reactor, flat sheets (7 ft 
by 3 ft by 0.25 inch) of acrylic were joined using number three acrylic binder (Smarter 
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Adhesive Solutions, IPS, CA) with external shims (7 ft by 0.5 ft by 0.25 inch) to prevent 
junction leaks.   
The structure of the flow was governed by strategic placement of the inlet and 
outlet tubes (see Figure 2.1).  Each unit cell included an inlet tube (inner diameter 0.50 
inches=0.0127 m) placed at the center of each hexagon 0.05 m above the floor with a 
flow rate governed by control valves upstream of the inlet tube.  An outlet tube (also 0.50 
inches in inner diameter) was placed immediately next to the inlet tube but raised to 0.10 
m below the liquid level of the reactor regardless of vessel fill level.   
For the single unit cell reactor, circulatory flow was driven by a 45 W pump (NH-
50PX-X, Pan World Co., Japan).  For larger reactors, one (7 cell) or two (19 cell) 250 W 
pumps (K55MYJDH-9025, US motors) were used to drive flow into manifolds connected 
to multiple inlet tubes.  A similar manifold collected outlet flows for recycle.  Pump flow 
rates were determined by connecting the pump outlet to a 5 gal water container (Home 
Depot, Model # 05GLHD2, Atlanta, GA) via a flexible tube and determining the volume 
increase over 30 s.  Because 18 L/min per nozzle was the maximum flow rate achieved 
by the pumps driving the 19 cell reactor, the pumps for the single and seven-cell reactors 
were turned down to match flow rates of the 19 cell reactors by tuning the fraction of the 
pump flow that loops directly back to the pump bypassing the reactor (see Figure 2.2c).  
Energy consumption was recorded using a power meter (P4400.01, Intertek, London, 
UK).   
The reactors were lit by 48 W artificial fluorescent light bulbs placed on top of the 
reactors (Philips, Andover, MA).  Surface light intensities of four points around each unit 
cell were measured using a lux meter (LX1330B, Dr. Meter, PA).  The average light 
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intensities at the fluid surface for 1, 7, and 19-cell reactors were 3975, 4421, and 3685 
lux.  All of the reactors were set in the indoor environment at ambient temperature (set to 
24oC), whereas the reactor temperature fluctuated between 26oC and 29oC due to pump 
generated heat.  Three reactor fluid depths 20 cm, 29, and 38 cm (default), suggested by 
typical paddlewheel driven raceway depths of 10-40 cm [161-164] were tested in single 
cell reactors at otherwise constant conditions including liquid circulation rate, the initial 
concentration of algae seed culture, nutrient concentrations, light intensity, and 
temperature.  Each case was repeated in triplicate.  Due to the coverless design, water 
evaporated from the reactor at an average rate of approximately 1.3 L/day/unit cell.  To 
maintain constant culture volume, fresh water was added to each reactor each day prior to 
sampling over each two week test for all photobioreactors.  
 
Microalgae  
Microalgae (Synechococcus Elongatus) were derived from stock provided by 
Utah State University, courtesy of Lance Seefeldt [165].  At the beginning of each run, 
concentrated seed algae culture (1.40 L/unit cell at 0.404±0.007 g/L for net concentration 
of 0.015±0.006 g/mL after dilution)) from prior runs with an optical density (OD) of 
15.5±0.5 measured using a spectrometer (Spectronic 21D, Bausch & Lomb, Rochester, 
NY) at 650 nm with a 1.00 cm path length was transferred to the reactor with nutrient 
culture consisting of Miracle Gro® water soluble all purpose plant food 24-8-16 
(Marysville, OH) in fresh local tap water at a concentration of 400 mg/L containing 24% 
nitrogen and 8% phosphate in weight.  This composition provided better growth of this 
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species than more traditional formulations considered.  Nutrients were added at the 
beginning of each run and were not supplemented during the two-week long runs.   
 The optical density, dry biomass, and cell number were tracked to determine algae 
growth rates.  Three 50 mL centrifuge tubes samples were taken from the middle 
(laterally and vertically) of each reactor each day and stored at 4oC.  Algae adhering to 
reactor sidewalls were scraped off before sampling.  The optical density of these algae 
suspensions was measured using the same spectrometer and settings as above.  Dry 
biomass was obtained by weighing after the algae samples were first centrifuge at 7400 
rpm with rotor F-35-6-30 (Eppendorf 5430R, Hauppauge, NY) for 1 h.  The supernatant 
clear phase was discarded and the bottom paste was collected and dried (Thermo 
Scientific, Model 6263) overnight at 60oC.  The weight after drying was divided by the 
original sample volume to determine the algae dry biomass concentration.     
 
Modeling Aspects 
Model for Microalgae Growth 
For phototropic organisms in well mixed nutrient suspensions, the photon 
intensity governs cell growth and varies as a function of photobioreactor depth.  If well 
mixed algae, sample photons from the entire reactor depth, and receive light only from 
the top surface, then the Beer-Lambert law, 𝐼 = 𝐼!𝑒!!"#,             (2.1)  
determines how the photon intensity I varies with vertical position z, where Io is the upper 
surface intensity, c is algae suspension concentration in grams per liter, and 𝜀 is an 
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attenuation coefficient determined from UV-vis absorbance, A, using A=εcl with l as the 
spectrophotometer’s path length.  The average intensity may be determined by integration 𝐼 = !! !! 𝐼!𝑒!!"#𝑑𝑧𝑑𝑡!!!!!!!!!!!! ,          (2.2)  
where τ is the time over which the average is taken and H is the depth of fluid in the 
photobioreactor.  In a laboratory environment, the photon intensity remains time 
invariant, so only averaging over the reactor depth remains necessary.  Integrating then 
finds 
!!! = !!!!!"#!"# .             (2.3) 
In the initial phase of algae growth, the growth rate is linearly proportional to both the 
average light intensity and concentration as  
 !"!" = 𝑘𝐼𝑐,             (2.4) 
where k is a constant of proportionality, and 𝑘𝐼 becomes the effective rate constant now 
that depends on reactor depth [166]. Substituting the average light intensity and 
integrating finds 
 𝑐 = !!" 𝑙𝑛 1+ 𝑒!!!! − 1 𝑒!!!! ,          (2.5) 
with c = co at t = 0 s.  In the limit of thin reactors where H vanishes, L’Hospital’s rule 
recovers 
 𝑐 = 𝑐!𝑒!!!!.             (2.6) 
The biomass productivity may be estimated from this concentration.  The total dry 
biomass production rate per unit area, (dm/dt)/A, becomes  
!! !"!" = !! !"!" = !!!! !!!!!!! !!!!!!! !!!!!!! !!!!!,          (2.7) 
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after some algebra, where A is the bottom area of reactor and V is the volume of reactor.  
The second fraction ranges between 0 and 1, showing that the growth rate saturates at 
large depths and times, and the production rate becomes linear in photointensity. 
 
Power Consumption  
Conceptually, the electrical power consumption of the pump may be calculated as 
 𝑃 = !"#!!! ,             (2.8) 
where Q is the volumetric flow rate through the reactor, ρ is the liquid density of algae 
culture, hL is the total head loss, g is earth’s gravitational acceleration, and η is the pump 
efficiency (assumed to be 70% [167]).  The head loss may be divided into friction losses 
in the piping system, hf, and friction losses in the reactor, hR, as ℎ = ℎ! + ℎ!.             (2.9) 
The friction loss in the pipe system may be calculate by Darcy-Weisbach Equation, 
 ℎ! = !!!!!!!" ,           (2.10) 
where L is the length of pipe, d is the inner diameter of pipe, v is the fluid velocity, and f 
is Darcy’s friction factor calculated by the Colebrook-White equation [168, 169],   
 !!!!.! = −2log  !"( !.!"!"!!!.! + !!!.!!!),        (2.11) 
where Re is the pipe Reynolds number, kr is roughness of pipe, and dp is the inner 
diameter of the pipe.  The pressure drop cause by collisions of the algae with the surface 
of the pipe may be neglect safely due to the sufficiently dilute concentration.  The energy 
losses in bends and fittings were combined into hf using an equivalent length 
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approximation (e.g., a one inch 90o elbow bend is equivalent to 5.2 in. of one inch pipe) 
[170, 171]. 
The friction loss in the reactor includes friction due to jet flow across the floor 
and sidewalls.  The friction loss along the bottom can be calculated by  𝑊! = (𝝉 ∙ 𝒏) ∙ 𝒗𝑑𝑆!           (2.12)  
where dS is the differential surface area, v is the velocity vector, n is the normal to the 
surface, and τ  is the deviatoric stress tensor.  In cylindrical coordinates, the normal vector 
points in the vertical z direction as is n = ez and the relevant shear stress is τ  = τrzerez , 
where ei is the unit vector in the ith direction.  Then 𝑊! = 𝜏!"𝜈!𝑑𝑆! ,          (2.13) 
where vr is the velocity in the radial direction and integration proceeds over each 
hexagon.  The shear stress may be written in terms of a skin coefficient, cf, as  𝜏!" = !! 𝑐!𝜌𝑣!,!! ,           (2.14) 
where vr,m is the maximum velocity in the vertical profile of the radial direction given as 𝑣!,! = !!!!!!! ,           (2.15) 
where hr is a velocity-decay constant.  Beltaos asserts hr = 1.1 and gives the skin 
coefficient of friction for radial wall jets as [172, 173]: 𝑐! = 0.098Re!!!/!.          (2.16) 
This jet Reynolds number, Reo, is given by 
 Re! = !!!!!! ,                      (2.17) 
where Uo is the nozzle velocity, do is the nozzle diameter, and µ is the suspension 
viscosity.  Each hexagonal area of integration may be divided into 12 symmetric triangles 
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such that the radial limit of integration depends on θ with 𝑊! = 6𝑐!𝜌ℎ!!𝑈!!𝑑!! !!!!/!"#$!!/! 𝑟𝑑𝑟𝑑𝜃!/!! ,       (2.18) 
where s is the shortest distance between the center of the hexagon and the nearest edge.  
Here vr is evaluated as vr,m  (an overestimate) and radial integration begins at the do/2 (a 
smaller underestimate) so that the radial velocity does not exceed the nozzle velocity.  
Integrating twice gives   𝑊! = 6𝑐!𝜌ℎ!!𝑈!!𝑑!! !!!! − !!! .        (2.19) 
For N unit cells after substitution of the skin coefficient of friction, the rate of energy loss 
as a positive value is 𝑊! = 0.588𝑁𝜇!.!𝜌!.!ℎ!!𝑈!!.!𝑑!!.! !!!! − !!!        (2.20)  
for N unit cells.  The head loss due to the friction loss in the reactor then becomes  
 ℎ! = !!!"#.           (2.21) 
In the limit of large reactors where the reactor height remains much smaller than the 
reactor area, only the bottom friction remains. 
 
Power Consumption for Raceway  
 For comparison, Ketheesan and Nirmalakhandan estimate the power required for 
the paddlewheel driven raceway operation as  𝑃! = !!!!!!!!! .                      (2.22) 
where CD is the paddlewheel drag coefficient (typically 1.2 to 1.8), Ap is the paddlewheel 
projected area in the direction of motion, and vp is the velocity of paddlewheel relative to 
   
 
42 
water (assumed to be 0.3 by Ketheesan and Nirmalakhandan) [174, 175].  
 
Results and Discussion 
 The essential feature of this photobioreactor is its periodic design defined by fluid 
dynamic symmetries instead of physical walls (see Figures 2.1-2.2). Figure 2.1c 
considers an algae suspension flowing downward from the inlet tube and spreading out 
along the floor of the reactor until flow approaches a midpoint between two adjacent inlet 
tubes where continuity forces the fluid up and the along the symmetry boundary to the 
upper interface.  In this manner, a frictionless symmetry boundary replaces an internal 
wall.  An outlet tube then conveys the suspension through a pump, which then drives the 
suspension back into the photobioreactor.  Because convection exceeds diffusion for 
these cellular suspensions (i.e., the Peclet number is large), each unit cell is effectively 
isolated from adjacent unit cells (except in the manifold and pump) so that each acts as an 
independent (but synchronized) constantly stirred tank reactor (CSTR) and scale up 
proceeds by numbering up, similar to microfluidic systems. However, our reactors remain 
much larger with unit cells O (10-1-101 m) in characteristic length, facilitating rapid scale 
up to industrially relevant areas and volumes. In this manner, symmetry defined 
photobioreactors naturally overcome perennial scale up challenges associated with scale 
dependent flow regimes and mixing.   
This design was inspired by the well-known Rayleigh-Bérnard convection cells 
[158].  This flow pattern develops from heating a surface below a fluid layer so that fluid 
adjacent to the surface becomes less dense than fluid above.  The fluid is unstable to 
periodic disturbances that allow less dense fluid to rise with the periodicity defining the 
   
 
43 
length of the convection cell.  In three dimensions, the unit cells adopt a hexagonal 
configuration to minimize energy [158-160, 176, 177].  Here we replace thermally driven 
natural convection with pump driven forced convection, retaining the hexagonal 
arrangement to minimize the energy required. 
In the remainder of this article, we first evaluate the hypothesis that this reactor 
design is scalable simply by increasing the number of unit cells. To evaluate this 
hypothesis, we compare algal biomass productivity from reactors with consecutive rings 
containing one, seven, and nineteen unit cells (Figure 2.1).  Development of a phototropic 
growth model that accounts for variations in photo-intensity facilitates comparison and 
permits prediction of optimum photoreactor depths for various light conditions.  We 




We now evaluate this hypothesis qualitatively and quantitatively.  Figure 2.3a 
presents the algae biomass concentration versus time for photobioreactors containing one, 
seven, and nineteen unit cells.  In each case, the initial concentration of biomass begins at 
0.015±0.006 g/L and increases over time with constant light exposure.  Qualitatively, the 
growth curves for each reactor size overlap substantially. The panel presents 
measurements in triplicate with error bars as one standard deviation.  Table 2.1 further 
evaluates whether the average biomass concentrations from the three reactors arise 
statistically from the same population through the use of a single factor (one-way) 
ANOVA test.  If the populations are different then we must reject the null hypothesis (Ho: 
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µ1=µ7=µ19, where µi represents the sample mean and i represents the number of unit cells, 
and H1: at least one mean remains different from the others).  The hypothesis is rejected 
when our p-value remains less than a significance value of α=0.05. This interpretation of 
this approach is from engineering perspective and may not be consistent with 
interpretation as statistic analysis. Therefore, other method should be utilized to analysis 
this data. 
Review of Table 2.1 shows that each p-value remains larger than 0.05 (except for 
day 10, which remains close to this value), confirming that the populations are indeed the 
same within the available data.  Therefore, this analysis affirms that the productivity per 
unit cell is essentially the same for each of the three reactor sizes in support of our 
governing hypothesis that this photobioreactor design is scalable simply by increasing the 
number of unit cells.   
 
Model for Microalgae Growth 
Careful review, however, shows that within this variation, the productivity does 
rise marginally faster for the seven cell reactor (circles in Figure 2.3a).  This may be due 
to a somewhat higher average light intensity in the seven unit cell reactor.  The photon 
intensity measured at the fluid surface is 3.9.103 ± 2.4.103, 4.4.103 ± 1.4.103, and 3.7.103 ± 
1.3.103 lux for the three reactors from smallest to largest, respectively (sidewall 
intensities are an order of magnitude smaller).  To evaluate the influence of variations in 
photon intensity across reactors, we constructed a model that accounts explicitly for 
photon intensity as a function of depth. Our model averages variations in photon intensity 
described by the Beer-Lambert law, because the algae sample photon intensities across 
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the vertical depth of the reactor as they circulate through the volume of the unit cell.  Our 
model employs the traditional first order rate law but partitions the rate constant into 
contributions from the average photon intensity and other sources.  Without this 
partitioning, the model simply returns the exponential or so called log growth expected of 
photobioreactors.  However, with this partitioning, the growth rate more closely follows 
linear growth than exponential growth (see Equation 2.6).  This unexpected consequence 
results because increases in concentration decrease the average light intensity, which in 
turn lowers the growth rate.  Remarkably, the experimental data in Figure 2.3 observe the 
same approximately linear growth predicted by the model until the end of the growth 
phase between days seven and ten, when growth tapers off.   
We hasten to note that many smaller photobioreactors would not observe this 
decrement in growth rate.  Indeed, in the limit of very thin reactors, our model returns the 
traditional exponential growth usually anticipated (see Equation 2.7).  We also recognize 
that these results for S. Elongatus were not optimized for either biomass or lipid 
production but were collected to evaluate scalability.  Other algae species, nutrient 
compositions, and environments may provide different growth rates than the ones 
presented here.  For example, optimizing the algae species may improve the value of k 
and performing the experiments in outdoor solar radiation could substantially increase the 
productivity levels through an increase in Io (at least until photon saturation).  Indeed, the 
photobioreactor presented herein provides a scalable platform that may be used to 
optimize the productivity of a variety of traditional and emerging algae strains. 
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Effect of Reactor Depth 
Because variations in photon intensity as a function of depth comprise a key 
feature of our phototropic growth model, we further evaluate productivity at three fill 
levels of 20, 29, and 38 cm in the single cell photobioreactor.  By comparison, typical 
depths of paddlewheel driven raceways range from 10-40 cm [161-164].  Figure 2.3b 
displays the biomass concentration as a function of time for each of the three heights.  
The figure shows that reactors with shorter light paths increase in biomass concentration 
more quickly.  This observation in isolation motivates development of ever thinner 
photobioreactors.   
However, the biomass produced is the product of both the concentration and the 
volume, which increases linearly with the reactor depth.  These competing effects are 
evaluated in Figure 2.4, which considers the rate of biomass produced as a function of 
time.  Figure 2.4a shows that the rate of biomass production increases monotonically with 
reactor height indicating that volume increases trump concentration increases.  This 
finding gives new impetus to the development of deeper photobioreactors operating on 
more concentrated algal suspensions instead of shallower systems anticipated from 
concentration alone.  However, the optimal reactor height quickly asymptotes suggesting 
that reactor depths much larger than approximately one meter may not lead to additional 
biomass productivity.  Essentially light only penetrates so far such that increases in 
reactor height lead to ever smaller decreasing marginal returns.  Figure 2.4b considers the 
additional productivity anticipated at typical solar photon intensities of approximately 
25000 lux.  The figure shows that the biomass production rate is nearly an order of 
magnitude larger out of doors than in doors.  The model also indicates that at very high 
   
 
47 
photon intensities the biomass growth rate becomes linear in time, photon intensity, and 
rate constant, and the influence of reactor depth vanishes as a governing factor.   
In this limit, the rate of change in biomass concentration remains inversely 
proportion to reactor depth but the biomass growth rate per area depends linearly on 
reactor depth so that this factor cancels in the absence of photon saturation effects outside 
the scope of this article.  Given the push to intensify biomass production to achieve 
energy parity for biofuels derived from microalgae sources, deeper reactors operating at 
higher concentrations remain increasingly likely in practice, making this approximately 
linear model more useful than simple exponentials achieved by rather small reactors. 
 
Power Consumption  
Finally, we compare the energy required to operate these reactors versus 
paddlewheel systems.  Table 2.2 presents a comparison of the energy required for the two 
systems.  The energy requirements for the paddlewheel systems parallel those presented 
by Ketheesan and Nirmalakhandan accounting for paddlewheel losses.   
We estimate the energy consumption based on a typical 70% pump efficiency 
accounting for frictional losses in the piping and in the photobioreactor.  Measurements 
from our experiments found that the single cell photobioreactor consumes much more 
power (108 W) per unit cell than the seven (83.6W) and nineteen (59.5W) cell 
photobioreactors.  This is in large measure due to the low pump efficiencies of 2.1% and 
16.2% for the pumps for the single cell and larger cells photobioreactors, respectively.  In 
industrial practice a 70% pump efficiency remains quite reasonable and on this basis, our 
photobioreactors consume at least 80% less than the traditional paddlewheel driven 
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raceway.  That our photobioreactors may be more optimal is not particularly surprising 
given that typically higher efficiencies of pumping systems and the direct elimination of 
interior walls using symmetry boundaries instead. 
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Figure 2.1.  (a) Rayleigh-Bérnard natural convection cells form by heating the bottom 
plate to generate a density gradient that induces periodic turnover of fluid. Adapted with 
permission of Yehao Deng et. al [178].(b) Top-view of photobioreactor containing 
consecutive rings of one, seven and nineteen unit cells inspired by Rayleigh-Bérnard 
convection and evaluated herein.  Nozzles are represented by stars, internal symmetry 
boundaries are dashed and external walls are solid and black.  (c) Diagram of single unit 














Figure 2.2.  (a) Digital image of PSDBs with a single cell reactor at the top center right, a 
seven cell reactor at the top left, and a nineteen-cell reactor at the bottom. The piping 
system and light are placed on the top of reactors. There is no internal wall in seven and 
nineteen reactor as shown in the picture.  (b) Under view of nineteen cell photobioreactor 
and wooden supports with outer wall in white.  The algae settled near stagnation zones 
associated with planes of symmetry, forming hexagon deposition patterns in the absence 
of internal material walls.  Images courtesy of Dan Hixom, University of Utah College of 












Figure 2.3.  (a) Biomass concentration versus time for single unit cell (square, solid), 
seven cell (diamond, short dash), and nineteen cell (triangle, long dash).  Data fit with 
growth model over the first nine days using Equation 6 with H = 0.38 m; co = 0.013 
(single cell), 0.012 (seven cell), or 0.014 (nineteen cell) g/L; ε = 200.6 m2/kg as in panel 
c; Io = 3975 (single cell), 4421 (seven cell), or 3685 (nineteen cell) lux, and k = 1.41.10-4 
(single cell), 1.56.10-4 (seven cell), or 1.61.10-4 (nineteen cell) 1/(s.lux) using only k as a 
fitting parameter.  Error bars represent one standard deviation. (b) Biomass concentration 
versus time in the single cell filled to 0.38 (triangle, long dash), 0.29 (diamond, short 
dash), or 0.20 m (square, solid).  Data fit with growth model over the first nine days using 
Equation 6 with co = 0.021 (H = 0.20 m), 0.015 (H = 0.29 m), or 0.013 (H = 0.38 m) g/L; 
ε = 200.6 m2/kg as in panel c; Io = 3975; and k = 2.26.10-4 (H = 0.20 m), 1.92.10-4 (H = 
0.29 m), or 1.41.10-4 (H = 0.38 m) 1/(s.lux) using only k as a fitting parameter.  Error bars 
represent one standard deviation.  (c) Absorbance versus product of algae concentration 
and light path (1.00 cm) so that slope returns ε = 200.6 m2/kg with R2 = 1.000 from 
Equation 2. (d) Ratio of average light intensity to surface light intensity versus reactor 
height for three algae concentrations of 0.01 (solid), 0.05 (short dash) and 0.10 g/L (long 
dash) with ε = 200.6 m2/kg from fit of panel c.  
 






Figure 2.4.  Algal biomass production rate (at days 3 (solid), 7 (short dash), and 10 (long 
dash)) at surface photon intensities of (a) 4000 lux and (b) 25000 lux versus reactor 
height predicted by growth model for ε = 200.6 m2/kg, co = 1.00.10-2 g/L, and k = 1.86.10-
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Table 2.2.  Theoretical power consumption of symmetry defined bioreactors versus and 
raceways. 
 
Energy required of symmetry defined bioreactor (W/L)1 0.0375 
Energy required of raceway (W/L)2 0.230-0.345 
Energy savings (%) 83.7-89.1	  
 
1. For 50.0 L/unit cell with side length of 0.225 m and H = 0.380 m without material 
sidewalls.  Piping system includes 0.500 m of one inch tubing, 0.700 m of half inch 
tubing, and two 90o elbow fittings all of PVC with kr = 5.10-6 [179].  Each one in. 90o 
elbow bend equivalent to 5.2 ft of one inch pipe. [13][14].  Pumping system operates at Q 
= 1.08 m3/h, hL = 0.477 m, and h = 70.0%.   
2.   Paddlewheel raceway volume of 21.2 L from depth of 0.150 m and area of 0.131 m2.  
Power loss calculation from CD = 1.20-1.80, Ap = 0.080 m2 from Ketheesan and 






























ALGAL LIPID EXTRACTION USING CONFINED IMPINGING JET MIXERS 
 
Abstract 
Here we show that confined impinging jet mixers (CIJMs) improve lipid 
extraction from microalgae.  CIJMs turbulently mix organic solvent into algae 
suspensions driven by gear pumps pairs to create linear pulse-free impinging flow (160 ≤ 
Q ≤ 1280 mL/min).  The highly turbulent flow (0.7.104 ≤ Re ≤ 5.4.104) shrinks the 
Kolmogorov length between algae cells and organic solvent down to ≥0.70 µm, 
facilitating lipid diffusion and increasing lipid yield.  CIJM extraction operates at room 
temperature and completes rapidly (residence time ≥0.0079 s).  Lipid extraction from 
Synechococcus Elongatus into hexane obtains yields of 25.6±2.7% (lipid 
biocrude/biomass) by weight similar to the performance of Bligh and Dyer methods using 
stronger chloroform and methanol solvent cocktails (25.7±1.3%) but much faster.  
Experiments show that the lipid yield does not vary with the concentration of algae 
feedstock in the tested algae concentration range (3.6-13.3 g/L), which implies that 
matured algae culture from photobioreactors may be used directly as feedstock to CIJM 
without intervening dewatering steps.  Algal biocrude obtained from CIJM converts 
successfully into biodiesel, and cascades of CIJMs may be used to increase the net lipid 
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production.  CIJMs provide fast and high yield lipid extraction, suggesting compelling 
opportunities to use CIJMs for extraction generally. 
 
Significance Statement 
Confined impinging jet mixers (CIJMs) extract lipid from microalgae rapidly and 
continuously.  The algae suspension and organic solvent turbulently mix due to confined 
impingement at high speed.  Lipid mass transfer between cells and the organic solvent is 
unusually rapid because turbulent shear cleaves cell walls and membranes, and the 
turbulence reduces the characteristic length scale for diffusion to the Kolmogorov length 
scale.  Lipid extraction is accomplished in less than a second.  These results demonstrate 
the potential to use these mixers as an essential element in multistage unit operations as 
an essential step in algae biofuel production. 
 
Introduction 
Algae derived fuel, one of the most promising alternative fuels, has generated 
increasing attention due to elevated fuel and food demand and persistent air pollution.  As 
algae grow, they capture photons and CO2 and convert them into lipid via photosynthesis 
[1, 2].  Unlike fossil fuel, algal biofuel may be nearly carbon neutral (i.e., CO2 emitted by 
burning algal fuel may approximate CO2 captured during the cultivation).  Unlike first 
generation biofuels, which use food crops as fuel sources (e.g., corn), algae may be 
grown on nonarable land and with saline water, wastewater, or/and produced water from 
mineral and petroleum extraction [9, 10].  Furthermore, unlike second-generation 
biofuels, which use lignocellulose biomass and suffer from complicate harvest steps, 
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algae have simpler cell structures and produce more lipids per harvestable area.  
Additionally, the growing cycle of microalgae is at most 7-14 days, short compare to 
other annual crops [1].  These features make algae a competitive candidate as a biofuel 
source. 
However, technological and economic barriers to industrial scale-up remain.  
Algae harvesting ranks among the main challenges.  Traditional organic solvent methods 
remain slow and suffer from the low yields and production rates [103].  Supercritical 
carbon dioxide methods require elevated operating temperatures and pressures, which 
translate into substantial energy requirements and challenge scale up [103].  Furthermore, 
dewatering poses another challenge to algae harvesting.  Traditional algae harvesting 
methods usually require dry algae powers or at minimum highly concentrated algae 
suspensions, which introduces additional energy intensive steps into the algae processing 
flow sheet, a significant drawback for algal fuel production [180].  Therefore, the need 
for better lipid extraction technology remains.  
Where mass transfer limits the rate at which lipids transfer, confined impinging 
jet mixers (CIJM) show promise.  These devices drive two or more turbulent jets 
coaxially into a confined mixing chamber (see Figure 3.1) [181, 182].  Although 
microscale devices, they do not suffer from the slow laminar mixing of microfluidics, 
because rapid turbulent energy dissipation promotes microscale mixing to accelerate 
molecular scale processes [183, 184].  Due to the high inlet flow rate and relatively small 
mixing chamber, the residence time within CIJMs remains small yet the flow structure 
ensures that feed streams mingle intimately [181].  Furthermore, CIJMs have been used 
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in continuous processing of nanoprecipitation, nanomedicine, and nanoparticles 
production at industrially relevant scales and rates [185-188].  
Here we critically evaluate the potential of CIJMs for lipid extraction.  The inlet 
flows consist of a concentrated algae suspension (0.03-0.13 wt% biomass) and a modest 
organic solvent (hexane).  As the streams turbulently mix, the algae distort and shear 
permitting lipid release, and the highly turbulent energy dissipation shrinks the 
Kolmogorov length [181], dramatically decreasing the time scale required for lipid 
diffusion from algae cells to the organic solvent (see Figure 3.1).  In the remainder of this 
article, we explore the parameters that govern lipid extraction in CIJMs.  We evaluate the 
influence of inlet flow rates and solvent-to-algae-biomass ratios.  We propose a 
mathematical model for algal lipid extraction based on Kolmogorov length scale 
reduction.  Yields from the CIJM using hexane, a weak solvent, are compared to a 
modified Bligh and Dyer method using a stronger solvent cocktail, and yields with and 
without ultrasonic pretreatment (which may open cell membranes) are evaluated.  Finally, 
biodiesel generated from the extract is characterized and multistage extraction cascades 
are considered. 
 
Results and Discussion 
 Here we evaluate the performance of CIJMs (see Figure 3.1) as a lipid extraction 
tool.  We explore inlet flow rates, algae suspension concentrations, and multistage 
operations.  Biocrude yields are compared to a Bligh and Dyer method and to those 
obtained with an ultrasonic pretreatment known to disrupt cell membranes.  Predictions 
from our mathematical model are compared to experiment data for both single and multi-
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stage operations.  Because the biocrude yield varies somewhat with each batch of algae, 
we use the same batch of algae for each group of experiments to ensure comparability 
within all panels. 
 Figure 3.2a shows the biocrude yield expressed as a weight percent as a function 
of the inlet flow rate.  As the volumetric flow rate increases, the biocrude yield rises 
smartly before attenuating after 480 mL/min.  The largest biocrude yield in our 
experiments is 25.6±2.7%, similar to the yield obtained from a Bligh and Dyer method 
(25.7±1.3%) for this algae species and culture condition.  Conventionally, the extraction 
yield from the Bligh and Dyer method is thought to be the most lipid or biocrude 
extractible from algae in a single pass extraction method, although this assertion has 
recently been called into question [9, 189-191].  Either way, yields from the CIJM and 
the Bligh and Dyer methods remain similar.  However, in contrast to Bligh and Dyer 
methods that extracts lipids from dried and powderized algae, our extraction process 
completes within a fraction of a second without any drying or dewatering required.  
Furthermore, our method uses hexane, which is a moderate solvent for algal extraction 
[189], whereas the Bligh and Dyer method in this comparison uses a chloroform and 
methanol cocktail known to be a better solvent [2]. These differences are substantial 
because they translate into significant energy and capital cost reductions to proposed 
algae flowsheets.  
The essential mechanism responsible for these improvements is a dramatically 
faster mass transfer process due to the small mass transfer length scales generated by 
confined turbulence.  Within the CIJM, lipids release from the cells either due to 
thermodynamic equilibrium with the surrounding aqueous media enhanced by local 
   
 
60 
changes in cell curvature from membrane distortion due to turbulent shear or due to cell 
breakup [192, 193].  The shear forces present are clearly sufficient to break up the cells.  
Analysis by Morshed, et al., considers the shear stresses on red blood cells in plasma by 
balancing the power dissipated within an eddy and the cell-free fluid (plasma in their 
analysis) within that eddy.  In the limit of small concentrations (concentrated algae 
solutions remain more dilute than physiological blood), their expression for the shear 
stresses applied to the cells reduces to τ=µ2/(ρη2).  For typical viscosities (µ=10-3 Pa.s), 
densities (ρ=103 kg/m3), and Komolgorov length scales (10-6 m), the shear stress applied 
to the cells is on the order of 1 kPa, whereas Michels, et al. [194], have shown microalgae 
viability to be adversely affected by shear stresses above 1 Pa, clearly indicating that 
shear forces are sufficient to cleave the cell membrane and wall.  Furthermore, in contrast 
to traditional methods, the distance over which these lipids must transport to reach the 
organic lamina approximates the Kolmogorov length scale.  Figure 3.2b shows that the 
Kolmogorov length decreases with volumetric flow rate through the CIJM.  Therefore, 
the distance that lipid molecules must transfer between algae cells to organic solvent 
decreases as the flow rate increases.  Shorter distances reduce the timescale required so 
that high biocrude yields may be obtained within the residence time of the CIJM mixer.  
This time is remarkably short on the order of 10 ms. Inserting the Kolmogorov length 
scale into the concentration profile for self-similar diffusion provides an approximate 
expression for lipid accumulation within the organic phase, also termed lipid yield.  
Figure 3.2a shows that this expression fits the data remarkably well.  Additionally, our 
experiments (see Figure 3.3a) confirm that pretreating the algae suspension to ultrasound 
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beyond conditions reported to break open cells does not improve the efficacy of CIJM, 
consistent with the high shear stresses induced within the mixing chamber. 
We also evaluated the biocrude yield as a function of the algae suspension 
concentration.  This is important because algal lipid extraction techniques typically 
require high entering concentrations to be effective [2].  However, Figure 3.4a finds the 
biocrude yield to be essentially independent of algae inlet concentration holding the inlet 
volumetric flow rate constant (960 mL/min).  Across all conditions explored in this set, 
the average biocrude yield is 22.7±2.3% (1σ).  This indicates that the lipid extraction 
process is all but independent of algae suspension concentration in the experimental 
concentration range (3.6-13.3 g/L).  This range covers typical harvest concentrations 
from photobioreactors [195-197], which suggests that matured algae suspension may be 
fed directly into the CIJM from photobioreactors without intervening concentrating or 
dewatering processes.  This is a significant feature because dewatering and drying rank 
among the most energy intensive and, therefore, expensive processes in algae harvesting.   
This finding is not particularly surprising in light of our model that suggests the 
dimensionless concentration in the aqueous phase depends on entering composition 
through at most the kinematic viscosity.  Yet because these concentrations are relatively 
dilute in terms of algae volume fraction, corrections to the kinematic viscosity remain 
rather small, leaving the yield all but independent of entering algae concentration.   
The effect of solvent ratio for CIJM is shown in Figure 3.4b.  The result shows 
that solvent ratios have negligible effect on biocrude yields in the domain explored.  This 
result suggests that decreasing the solvent flow rate by a factor of two is clearly feasible 
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without significant loss in productivity.  Further decreases may be possible with suitable 
control over the flow rates and relative pressure drops.   
 Figure 3.3b compares the composition of biodiesel made from the biocrude 
extracted using the CIJM to biodiesel prepared from biocrude extracted in the traditional 
manner. The traditional manner is directly mixed algae suspension and methanol for 
transesterification. The panel shows that the major components of our biodiesel include 
C-16 and C-18, similar to typical biodiesel compositions [198].  However, the biodiesel 
productivity of the control sample was inferior to the CIJM processed sample.  These 
results demonstrate that the CIJM facilitates algal biocrude and lipid extraction so as to 
enhance the net biodiesel productivity. 
Figure 3.5 considers the potential of extraction cascades.  Figure 3.5a shows an 
example of a multistage cross current extraction process, here with four stages.  Figure 
3.5b shows that that the second and subsequent stages each extract biocrude, albeit in 
successively decreasing amounts.  However, the total extracted biocrude consecutively 
increases.  After four cycles, the total yield of biocrude is 38.8%, which is about 2.5 
times more than first extraction cycle alone and substantially higher than the single pass 
yield with the Bligh and Dyer method.  This finding demonstrates the potential value of 
arranging multiple CIJM in series to obtain better extraction performance.  A simple mass 
balance (see Equation 3.18) reasonably predicts the extraction obtained experimentally.  
Further optimization using a counter-current extraction process may be possible [199].  
Nevertheless, it is clear that a multiple stage extraction process may be used with CIJMs 
as the essential element in a mixer-settler configuration.  
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Remarkably, CIJM processes approach the maximum lipid loading per unit 
surface area. The surface area available for lipid absorption is approximately the volume 
of the mixing chamber (~1.7.10-7 m3) divided by Kolmogorov length scale (1-5.10-6 m).  
For each residence time, the number of lipid molecules absorbed is approximately the 
surface area divided by the area of the lipid head (~1.10-18 m2), and the number of 
residence times is equal to the process time (4.8-37.5 s) divided by the residence time 
(0.4-3.2.10-2 s).  With a lipid molecular weight range of 848-932 g/mol (triglyceride with 
C16-C18 carbon chain), 0.57-3.16 g/L (dry/wet) may be extractable from 0.100 L of 
algae suspension.  Experimentally, we find 1.5-3.7 g/L (dry/wet) biocrude (not lipid 
alone) is extracted. Therefore, the CIJM may have driven lipid to saturate the surface area 
available.   
 
Materials and Methods 
Confined Impinging Jet Mixer Configuration 
The design of the confined impinging jet mixer evaluated herein followed that of 
Siddiqui, et al. (2009) with dimensions given in Figure 3.1b [183].  The mixer was 
machined in house out of clear, transparent acrylic (McMASTER-CARR, IL) to facilitate 
visualization of the mixing process.  Swagelok tube fittings (male connector with ½” OD, 
Salt Lake City, UT) were used to connect the 3/8” tubing (Laboratory Tygon PVC 
Tubing for Chemical, McMaster Carr) between gear pumps and the CIJM (see Figure 
3.1a).  A small port at the top of the reactor used to facilitate machining of the chamber 
and exit lines was joined with screws and sealed with number three acrylic binder 
(Scigrip, Durham NC).  
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Two gear pumps (Reglo-Z, IDEX Corporation, Lake Forest, IL) were selected to 
provide constant, pulse-free flows.  The two pumps operated at the same flow rate unless 
noted below to sustain impinging jet mixing.  Algae suspension was fed through one 
inlet, and hexane was fed through the other inlet (see Figure 3.1a).  Hexane was chosen 
as the representative organic solvent because it remains one of the most commonly used, 
albeit less effective, lipid extraction solvents [189].  For each experiment, 100 mL of 
each fluid was used at flow rates of 160-1280 mL/min.  Prior to mixing, the inlet tubes 
were prefilled with fluid (algae suspension and hexane) at 100 mL/min.  The mixer outlet 
flow (left open to atmosphere pressure) containing the extraction products was collected 
in a beaker for further analysis.  
 
Algae Suspension  
 The algae (Synechococcus Elongatus) used in these experiments were cultivated 
in periodic symmetry defined bioreactors described in detail elsewhere [165].  The algae 
were cultivated for two weeks under artificial light (~4000 lux at the liquid surface) in the 
absence of supplemental CO2, nitrogen restriction, or temperature control.  The algae 
suspensions were then concentrated in an Eppendorf 5430R centrifuge (Hauppauge NY) 
at 7400 rpm for 10 min in 50 mL centrifuge tubes.  A portion of the concentrated algae 
suspension was then taken to total dryness in the oven (60oC) to obtain a starting 
concentration (algae dry biomass/volume of algae suspension).  Lower concentration 
algae suspensions used in these experiments were prepared by simple dilution of the 
concentrated algae suspension to the desired weight fraction.  
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Algae Biocrude  
The product from the confined impinging jet mixer was centrifuged (Eppendorf 
5430 R, Hauppauge NY) for 30 min at 7400 rpm in 50 mL centrifuge tubes. After 
centrifugation, four distinct layers appear with the translucent hexane on the top, a cloudy 
emulsion as the second layer, transparent water in the third layer, and the opaque algae 
cell debris at the bottom. The emulsion layer, which contains the lipid extract, was 
transfer into beaker by pipette and dried completely in an oven (Thermo Scientific, Lab-
line, Waltham, MA) at 60oC under atmospheric pressure.  The final weight was record for 
the biocrude yield (biocrude/initial algae dry biomass) calculation.  
 
Bligh And Dyer Method 
Yields obtained using the CIPM were compared to those obtained using a 
modified Bligh and Dyer method as described elsewhere [191].  Briefly, algae suspension 
was dried to completion in an oven (Thermo Scientific, Lab line, Waltham, MA) at 60oC 
under atmospheric pressure for 48 h and ground into powder.  One half gram of dried 
algae power was mixed with 100 mL of methanol and 50 mL of chloroform and then 
mixed in a blender (Blendtec Inc., Orem UT) at 14,700 rpm (speed 5) for 5 min to induce 
lipid/biocrude extraction.  An additional 50 mL chloroform and 90 mL DI water (Milli Q 
grade, resistivity of 18.2 MΩ.cm) were added to the blender and mixed for another 2 min 
at the same speed to induce phase separation.  The algae cell debris in the final product 
was removed by No. 4 filter paper (Whatman, GE Healthcare Bio-Sciences, Marlborough 
MA).  The organic portion of the filtered suspension was dried in the oven (60oC) and 
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weighted to calculate the lipid yield.  Following common practice, the terms biocrude 
yield and lipid yield are used interchangeably herein [200, 201]. 
 
Biodiesel Conversion 
 The biocrude extracted from the CIJM was convert into biodiesel by 
transesterification.  Biocrude (0.3 g) was added to 100 mL of methanol (10 wt% NaOH) 
and placed on a hot plate (Corning, P420D, Corning, NY) at 80oC for 2 h.  A control 
experiment used 100 mL of raw, unprocessed algae suspension (13.3 g/mL) directly 
mixed with 100 mL of methanol (10 wt% NaOH) and heated on a hot plate (Corning, 
P420D, Corning, NY) at 80oC for 2 h.  Products were analyzed by gas 
chromatography/mass spectrometry (GC/MS) (HP6890, an MSD HP5973 detector, and a 
Zebron ZB-5MSi Guardian (30 m x 0.25 mm ID, 0.25 µm film thickness; Phenomenex) 
column).  Biodiesel samples were injected using a HP7682 injector maintained at 250oC 
with a volume of 1.0 µL and 10:1 split ratio with helium as a carrier gas.  The oven was 
maintained at 95°C for 1.5 min then increased to 118°C under a rate of 40°C/min and 
maintained for 1.0 min.  After that, the temperature was increased to 250°C at a rate of 
5°C/min and to 330°C at a rate of 25°C/min and then maintained for 12.3 min.  Results 
were compared to well-established standards to determine the FAME composition 
(Figure 3.3b).  The MS scan rate was 16 scans/s with the MS quad temperature 150oC 
and source temperature 230oC. 
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Effect of Different Flow Rates 
 To investigate the influence of volumetric flow rate on extraction efficiency, six 
flow rates (160, 320, 480, 640, 960, 1280 mL/min) were tested.  The algae feed 
concentration (13.33 g/L) and the organic-solvent-volume-to-dry-algae-biomass ratio (75 
mL/g) used in these experiments were held constant, and the algae were from the same 
batch to minimize variability.  In total, 100 mL each of algae suspension and hexane were 
fed to the CIJM in each test.  The biocrude from the CIJM was collected and quantified 
as described above.  Each flow rate was tested in triplicate. 
 
Effect of Different Concentration of Algae Suspension 
 To investigate the influence of algae concentration on extraction efficiency, five 
algae concentrations from 3.63 g/L to 13.3 g/L were tested.  The flow rates for these 
experiments were held constant (960 mL/min).  In total, 100 mL each of algae suspension 
and hexane were fed to the CIJM in each test.  The biocrude from the CIJM was collected 
and quantified as indicated above.  Each flow rate was tested in triplicate. 
 
Effect of Multistage Extraction 
To evaluate whether additional CIJM cycles may be used to extract additional 
lipid with each cycle and, thereby increase the total yield from one starting suspension, 
the same algae suspension was run through the CIJM multiple times to mimic multiple 
stage cross-current extraction.  The algae concentration used in this experiment was 13.3 
g/L with an inlet flow rate of 960 mL/min.  The suspension was processed as described 
above, and the product recovered from the CIJM the first time was centrifuged as 
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described above.  The organic and emulsion layers were recovered for biocrude assay and 
their yield reported.  The algae slurry (i.e., the fourth and bottom layer as indicated 
above) was resuspend in 100 mL DI water (Milli Q grade, 18.2 MΩ.cm resistivity) and 
sent through the CIJM again.  A total of four stages or cycles was evaluated. 
 
Effect of Solvent Ratio  
 The ratio of solvent to algae inlet flow rates may affect the usage of organic 
solvent.  Three ratios (1.00, 0.75, and 0.50) were achieved by varying the inlet flow rate 
of organic solvent, maintaining the algae suspension inlet flow rate at 1024 mL/min.  The 
volume of algae suspension for each test is 100 mL with biomass concentration 13.33 
g/L.  The biocrude yield was determined as described above and tested in triplicate. 
 
Ultrasonic Pretreatment 
 To evaluate the influence of otherwise intact cell walls, an ultrasonic pretreatment 
step was implemented.  The concentrated algae suspension (100 mL, about 13.3 g/L) was 
placed in a sonicator (Branson 1800, Danbury, CT) for 30 min at a power setting of 40 
W.  These conditions were selected to exceed conditions reported in the literature known 
to breakup cell walls and release lipids [202-204].  The ultrasonic treated algae 
suspensions were run through the CIJM with inlet flow rate at 960 mL/min.  A set of 
experiments using algae suspension directly sent to CIJM at the same inlet flow rate of 
960 mL/min without ultrasonic treatment was evaluated as a control.   
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Model of Lipid Extraction 
 A simple model to estimate the lipid or biocrude yield may be constructed as 
follows.  The term biocrude is used below as the more general term.  As described 
elsewhere, shortening the distance over which mass transfer occurs to the Kolmogorov 
length scale is essential to CIJM [184].  During high speed turbulent mixing, the 
thickness of lamina of algae suspension between lamina of organic solvent narrows, as 
described by a Kolmogorov length scale (the smallest of turbulent length scales).  This 
length scale is given as  
 𝜂 = !!! !/!,              (3.1) 
where υ is the kinematic viscosity of the fluid and ε is the average rate of dissipation of 
turbulent kinetic energy per unit mass describe by  𝜀 = !!! ,              (3.2) 
where u is the macroscale velocity of entering fluid and L is the characteristic dimension 
of mixing chamber that restricts the size of turbulent eddies [205].  The average velocity 
of fluid may be obtained from the volumetric flow, Q, and the cross sectional area of the 
inlet tube as 
 𝑢 = !!!!!!,              (3.3) 
where do is the diameter of inlet tube.  Combined,  
 𝜂 = !!/!!!/!!!/!!!!/!!!/!!!/! ,                            (3.4) 
which shows that the Kolmogorov length scale decreases as the volumetric flow rate 
increases.   
   
 
70 
Diffusion of biocrude from the cell to the organic layer through the water layer is 
a transient process that may be approximated using well-known self-similar concentration 
profiles.  Then the dimensionless concentration, θ, profile is given by 
 𝜃 = !!!!! = 𝐸𝑟𝑓𝑐 !! !" ,                          (3.5) 
where C is the biocrude concentration anywhere in aqueous phase, Ca is the biocrude 
concentration in the algae, K1 = Ca/C(x = 0) is the partition coefficient of biocrude 
between algae and water at the cellular interface (i.e., x = 0), x is the distance over which 
diffusion occurs here approximately the Kolmogorov length scale, D is the diffusion 
coefficient, and t is the residence time in the confined impinging jet mixer [205].  We 
recognized the erfc function to be only approximate because the concentration does not 
fully decay to zero but is bounded by the Kolmogorov length scale.  The diffusion 
coefficient may be approximated by the Stokes-Einstein equation as 
 𝐷 = !!!!!!!!,             (3.6) 
where kb is Boltzmann constant (1.38.10-23 J/K), T is the absolute temperature, µ is the 
dynamic viscosity of water (0.001 Pa·s), d is the characteristic dimension of the lipid 
molecule (approximately 4 nm for C16-C18 from end-to-end, radius of gyration, and 
Kuhn length considerations and as estimated from the carbon-carbon bond lengths 0.154 
nm) [206, 207].   
 The residence time within the confined impinging jet mixer and, therefore, the 
characteristic time scale for diffusion may be estimated from  
 𝑡 = !!!,                           (3.7) 
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where Q is the volumetric flow rate of each of the inlet flows feeding the round chamber 
volume V of diameter 4.76 mm (see Figure 3.1b).  Combining Eqs. 3.5-3.7 finds 
 𝜃 = 𝐸𝑟𝑓𝑐 !!!!!" .                (3.8) 
Substituting in the Komogorov length scale yields  
 𝜃 = 𝐸𝑟𝑓𝑐 !!!/! !!/!!!/!!!/!!!!/!!!!/!!!/! .          (3.9)  
Please note that of all the contributing variables, Q remains the only variable that varies 
during a test (the others are largely fluid properties or CIJM dimensions) and that θ is a 
clear function of Q. 
The dimensionless concentration may be converted into the lipid or biocrude yield 
by determining the concentration at the aqueous-organic interface, Ch.  There the partition 
coefficient, K2, is defined as  
 𝐶! = !(!!!)!! = !!!!!(!!!)!!          (3.10) 
with substitution.  The measured yield, Y, is defined as the mass of lipid (or biocrude) 
extracted divided by the lipid (or biocrude) in the initial biomass, mbiomass.  The mass of 
lipid extracted may be expressed as the volume of hexane, Vh, multiplied by the 
concentration of lipid (or biocrude) in the hexane, Ch, both including that trapped in the 
emulsion layer.  Then  
 𝑌   = !!!!!!"#$%&& = !!!!!!!(!!!)!!"#$%&&!!          (3.11) 
after substitution.  Recognizing that although Vh and mbiomass may be known, the partition 
coefficients and concentration of lipid within the cell remain unknown, suggesting a 
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lumped constant defined as κ=VhCaK1/(mbiomassK2).  This fitting constant is species and 
solvent specific.  Then  
 𝑌 = 𝜅  𝐸𝑟𝑓𝑐 !!!/! !!/!!!/!!!/!!!!/!!!!/!!!/! .        (3.12) 
This expression is compared to the experimentally obtained yield as a function of flow 
rate in Figure 3.2a. 
 
Model of Multistage Extraction 
For multiple stage extraction in a cross flow cascade, the entering solvent streams 
are devoid of biocrude.  Figure 3.5a and species balances represent the solvent as S, the 
extract as E, and the raffinate as R, which is the aqueous stream containing algae and 
remaining lipids.  Following the nomenclature of Seader, streams coming off the same 
stage are given the same subscript, and the entering algae stream is labeled as Ro for 
notational simplicity, though technically not a raffinate stream.  In this scenario, the flow 
rates of the entering and exit streams are approximately equal in the experiments above, 
immediately satisfying the overall mass balances.  The species mass balances then 
become 
 xiR+xiE=xi-1R           (3.13) 
for i≥0, where xi is a mass fraction of wet material.  In traditional form, we define 
xiE=kixiR with ki positive definite so that 
  𝑥!! = !!!!!!!!! and   𝑥!! = !!!!!!!!!!! .        (3.14) 
When k=ki for all i (true within uncertainty here), 
!!!!!! = !!!! ! and !!!!!! = !!!! !        (3.15) 
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and the total amount extracted in multiple stages is 
𝑥!"!#$! = 𝑥!!! = 𝑥!! !!!! !! .        (3.16) 
The final term contains a geometric series such that 
!!"!#$!!!! = 𝑘 1− !!!! ! ,         (3.17) 
where n is the number of stages, which shows that in the limit of a large number of stages 
only a fraction k of all of the entering biocrude may be captured.  The experimental 
observable is the ratio of the dry biocrude mass extracted to dry algae mass entering.  The 
dry biocrude mass is xiEEifDB, where fDB is the ratio of the mass of dry biocrude to the 
mass of wet biocrude, differing in the degree of hydration.  The dry algae mass is 
xoRRifDA, where fDA is the ratio of the dry algae mass to the mass of wet algae suspension.  
Where Ei=Ri, we plot 𝐵! = !!!!!! !!"!!" = 𝑓 !!!! ! and 𝑆! = !!"!#$!!!! !!"!!" = 𝑓𝑘 1− !!!! ! ,   (3.18) 
where f=fDB/fDA.  The ratio of B2/B1 may be used to determine k as (B2/B1)/(1-B2/B1).  
Then f may be determined as B12/B2. 
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Figure 3.1. Confined impinging jet mixer (CIJM). (a) Digital image of confined 
impinging jet mixer showing algae (from left) and solvent (from right) streams impinging 
in a central chamber with exit towards the bottom.  (b) As designed impinging jet mixer 
(lengths and diameters in millimeters) with representation of the lipid transfer process at 





































Figure 3.2.  Biocrude extraction and Kolmogrov length scale versus flow rate.  (a) 
Biocrude extract versus flow rate comparing experimental data (diamonds) with model 
predictions (curve, Equation 3.12).  Error bars represent one standard deviation.  (b) 
Kolmogorov length versus volumetric flow rate.  Both panels use n = 1.00.10-6 m2/s, L = 
4.76 mm, do = 1.00 mm, V = 1.7.10-7 m3, κ = 0.76, and D = 1.46.10-10 m2/s (from kb = 
1.38.10-23 J/K, T = 298 K, µ = 1.00.10-3 Pa·s, d = 4.0 nm).  
 
 





Figure 3.3.  Biocrude extract and biodiesel composition.  (a) Comparison of biocrude 
yield with and without ultrasonic pretreatment. (b) Biodiesel composition of fatty acid 
methyl ester (FAME) via a unit of area under curve (AUC) method comparing the 
biodiesel made from CIJM (black) with the one without running through the CIJM (gray).  
Error bars represent one standard deviation. 
 





Figure 3.4.  Biocrude extraction versus feed characteristics.  (a) Biocrude yield versus 
algae suspension concentration.  (b) Biocrude crude yield versus solvent ratio 
(Qhexane/Qalgae).  Amount extracted for one cycle varies between but not within panels 
because different algae stock was used for each panel, but the same stock was used for all 
points within a panel.  Lines represent the average across all experiments, and error bars 









Figure 3.5.  Multiple-stage crosscurrent extraction.  (a) Block diagram identifying 
multiple lipid extraction steps.  (b) Biocrude yield versus number of times or cycles that 
same algae is processed by the CIJM. Yield for each step (square, solid) and accumulated 




























WAX PRECIPITATION IN UINTAH BASIN CRUDE OILS AND BLENDS 
 
Abstract 
Wax precipitation curves for Uintah Basin crude oils and blends anticipated for 
pipeline transport have been determined using a FT-IR method. Prospective pipeline 
blends of Uintah Basin crude oils with 30% by weight local gas condensate, Bakken 
crude oil, and biodiesel produced from canola oils show reductions in precipitated wax 
for given oil temperatures. The thirty percent by weight blend of gas condensate into 
Uintah Basin waxy crude oil is approaching behavior which can be effectively pour point 




Wax precipitation in crude oils induces fouling and plugging in petroleum 
production and transportation operations. Uintah basin crude oils have historically been 
labeled as waxy in character, with associated transport pipelines plagued by flow 
disruptions and shutdowns [215]. While these crude oils are commercially produced, 
transported, and refined, wax precipitation in these crude oils and relevant blends has not 
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been documented in the literature. This study uses Fourier Transform Infrared 
Spectroscopy (FT-IR) with a previously documented method to investigate wax 
precipitation in black wax and yellow wax crude oils produced from the Uintah basin 
[216], as well as possible blends for future pipeline transport. Blend stocks include gas 
condensate from related gas processing in the Uintah Basin, Bakken crude oil, and 
biodiesel produced from canola oils. Bakken crude is a low-wax intermediate type crude 
oil, which is transported by rail through the Uintah Basin. The biodiesel has been 
investigated as a renewable feedstock, which may be produced in the intermountain west 




Experimental determination of wax precipitation has been well summarized in the 
literature [218], with primary methods involving differential scanning calorimetry (DSC), 
viscometry, centrifugation of cold oil, and nuclear magnetic resonance (NMR) 
spectroscopy. As described by Roehner and Hanson [216], FT-IR can be used to monitor 
the absorbance at approximately 720 cm-1, which is indicative of long chain paraffin 
rocking vibrations. Increases in absorbance at this wave number with decreasing 
temperature are related to formation of solid paraffin waxes in crude oil below the wax 
precipitation temperature (WPT). The WPT is then identified by the change in the slope 
of absorbance versus oil temperature, which occurs at the WPT. This allows for 
construction of a solid wax precipitation curve for a given crude oil, with the advantage 
of not having to determine the paraffin distribution present in the crude oil liquid and 
solid phases.  Unlike alternative techniques, this method is insensitive to cooling rates. 
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  The Uintah basin waxy crude oils contain high percentages of normal paraffin 
with carbon numbers above C18 as measured using high temperature gas chromatography 
(HTGC) based on ASTM D7169-11 [219]. This is shown in Table 4.1 for black wax and 
yellow wax crude oils respectively. Table 4.2 summarizes the source and measured 
physical properties for the samples of black wax and yellow wax crude oils analyzed in 




The FT-IR procedure used is summarized here, along with details of sample 
procurement, handling, blending, and characterization. 
 
FT-IR Instrumentation 
All analyses were conducted on a Nicolet iS50 FT-IR Spectrometer, with Omnic 
9.2 107 software. The spectra were collected from 4000-400 cm-1 over a temperature 
range (15-70oC).  A Spectra Tech HC-32 temperature controlled liquid FT-IR cell 
(modified by replacement of stainless steel coolant loop with ¼” copper tubing for 
increased coolant flow) with 32 mm NaCl windows and a 0.1 mm lead spacer was used. 
A Julabo F25 bath was used to control the temperature with a general cooling rate 
approximating 0.07oC/min. A micro-thermocouple placed in the liquid cell and connected 
to Omega HH-147U digital thermometer was used to represent the sample temperature.    
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Sampling and Blending 
Two samples (duplicates) were prepared and tested using FT-IR for each crude oil 
or blend analyzed. All the crude oil and diluents were preheated in the oven under 60oC 
for 6 h before blending. For blend preparation, the preheated crude oil was transfered by 
glass syringe from the original glass container (40 mL Pyrex bottle with Teflon cap) to 
the sample container (40 mL Pyrex bottle with Teflon cap) which was used for final 
weight determination. The selected thirty percent by weight diluent was then also added 
to the sample container by glass syringe. All the sealed samples were placed in a 
convection oven at 60oC for 6 h before testing. Samples are transferred by preheated 
syringe to the Spectra Tech HC-32 liquid cell.  
 
Calculations 
Peak areas for absorbance attributed to rocking vibrations of long chain 
methylene groups for each temperature were obtained by integration of the spectral data 
from 735 cm-1 to 715 cm-1. To eliminate any shift of baseline that might occur during 
analysis, the corrected peak area collected for each temperature was added to the same 
base area obtain from the first high temperature measurement. The WPT was obtained 
from the intersection of the liquid absorbance versus temperature line and the liquid-solid 
absorbance versus temperature line. The solid weight percent precipitated wax for crude 
oil temperatures below the WPT was calculated by using previously derived Equation 4.1 
with constant C again assigned a value of 1.0 [216].   
Wt % Solid = C * [(Atotal- Aext.liq)/Atotal] * 100%                       (4.1) 
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In Equation 4.1, Atotal is the integrated total observed absorbance a given oil temperature 
below the WPT, and Aext.liq is the extrapolated integrated liquid phase absorbance at the 
same oil temperature. 
 
Model Oil Validation 
In the previous publication by Roehner and Hanson [216], a model oil of known 
composition and solid-liquid equilibrium was used to validate the FT-IR method. In the 
current work, analysis of the same model oil system was used to validate a revised testing 
procedure modified to account for an upgraded spectrometer and software in the FT-IR 
system. The same repeatability for the revised FT-IR procedure was observed with 
determination of the wax precipitation temperature within ±1.0oC. 
 
Oil Composition by High Temperature Gas Chromatography 
The Uintah Basin crude oils (black wax and yellow wax crude oils) were 
characterized by high temperature gas chromatography (HTGC). All analyses were 
conducted using a modified version of ASTM D-7169 and an Agilent 6890N 
chromatograph equipped with a HP-1 capillary column (5 m x 0.53 mm x 0.15 microns) 
and a flame ionization detector (FID). Ultra-high purity grade helium was used as carrier 
gas [219]. The injector inlet used was a cool-on-column with injection volume of 0.5 
microliter. Samples were diluted to 2% (m/m) in CS2. The initial oven temperature is held 
at -20oC, the temperature is then heated to 425oC with a heating rate of 15oC/min. The 
final hold time is 10 min. 
 




Biodiesel (fatty acid alkyl esters) was produced from triglyceride (lipid) and 
alcohol by transesterification.  Although, the lipid may come from any feedstock such as 
corn, soybean, canola, palm, and microalgae, commercial canola oil was chosen as lipid 
source for this experiment due to its purity and stability.  The lipids were mixed with 
methanol containing 10% NaOH at 80oC for 2 h to produce the biodiesel. The sample 
was analyzed by the GS/MS with a Zebron ZB-5MSi Guardian (30 m x 0.25 mm ID, 0.25 
µm film thickness; Phenomenex) column. The resulting chromatogram is provided in 
Table 4.4.  The cloud point of canola biodiesel was about -3oC with a density is 870 
kg/m3 [208]. Biodiesel produced from canola oil contains hydrocarbons within the single 
carbon number range of C16 to C20 as shown in Table 4.4, and the average density base 
on the GC data was about 309.9 g/mol.  
 
Results of Analyses 
Figures 4.1 and 4.2 show the wax precipitation curves created from FT-IR 
analysis of black wax and yellow wax crude oils and their blends. Each figure shows wax 
precipitation for the identified neat oil, and thirty percent by weight blends with 
biodiesel, Bakken crude oil, and gas condensate. It is important to note the large slope of 
the wax precipitation curves for the neat oils, with less than 5oC between the observed 
WPT and an oil temperature where there is two weight percent precipitated solid. The 
amount of two weight percent solid is often used as a common rule of thumb for the 
temperature where the crude oil will have sufficient gel character to be identified as 
having reached the “pour point temperature” typically defined by ASTM D5853 [220]. 
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This matches well with the measured pour point temperatures for black wax and yellow 
wax crude oils given in summary Table 4.2. 
Figure 4.3 provides the IR spectra for different temperatures overlaid into a 
common plot, and shows how the long chain methylene rocking vibrations change with 
temperature. The peak grows and even splits indicating high paraffin content, which is 
confirmed from HTGC results summarized in Tables 4.1, 4.2. 
 
Conclusion 
Wax precipitation curves for Uintah Basin crude oils and blends thought to be 
relevant for pipeline transport have been determined using a novel FT-IR method. The 
results for temperatures where neat black wax and yellow wax crude oils approximate 2%  
by weight precipitated solid relate well to measured crude oil pour point temperatures. 
Prospective pipeline blends of these Uintah Basin crude oils with 30% by weight local 
gas condensate, Bakken crude oil, and biodiesel produced from canola oils show 
reductions in precipitated wax for given oil temperatures. Of note, the 30% weight blend 
with gas condensate is approaching behavior which can be effectively pour point 
depressed / flow improved using chemical additives to allow conventional pipeline 
transport. This study suggests that with additional study of non-Newtonian rheology of 
these blends, additional evaluations of flow improvers and wax crystal modifiers may be 
merited. 
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Figure 4.1. Wax precipitation in yellow wax crude oil and blends (30% Wt.  Biodiesel, 

















Figure 4.2. Wax precipitation in black wax crude oil and blends (30% Wt.  Biodiesel, 
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Table 4.1. Composition of Uintah Basin crude oils by GC. 
(a) 
Black Wax Wt. (%) 
C No. Total n-C18~80 C No. Total n-C18~80 C No. Total n-C18~80 
C1 0.000  C39 1.248 0.107 C79 0.268 0.000 
C2 0.000  C40 1.213 0.097 C80 0.221 0.000 
C3 0.050  C41 1.180 0.077 Total 100.000 13.569 
iC4 0.030  C42 1.079 0.058    
nC4 0.090  C43 1.047 0.075    
iC5 0.080  C44 0.972 0.062    
nC5 0.120  C45 0.952 0.082    
C6 0.297  C46 0.992 0.067    
C7 1.281  C47 0.924 0.081    
C8 1.932  C48 0.913 0.061    
C9 2.408  C49 0.924 0.067    
C10 2.418  C50 0.839 0.047    
C11 2.122  C51 0.834 0.060    
C12 2.007  C52 0.783 0.051    
C13 2.714  C53 0.795 0.063    
C14 2.577  C54 0.740 0.049    
C15 2.580  C55 0.808 0.063    
C16 2.103  C56 0.777 0.040    
C17 2.740  C57 0.767 0.041    
C18 2.512 1.097 C58 0.688 0.028    
C19 2.596 1.183 C59 0.687 0.031    
C20 2.421 0.963 C60 0.669 0.012    
C21 2.405 0.928 C61 0.697 0.022    
C22 2.370 0.928 C62 0.606 0.021    
C23 2.561 0.997 C63 0.541 0.017    
C24 2.332 0.936 C64 0.577 0.016    
C25 2.555 1.004 C65 0.492 0.014    
C26 2.397 0.910 C66 0.453 0.013    
C27 2.776 0.972 C67 0.421 0.012    
C28 2.731 0.754 C68 0.403 0.007    
C29 2.818 0.718 C69 0.414 0.006    
C30 2.526 0.554 C70 0.428 0.005    
C31 2.286 0.440 C71 0.374 0.004    
C32 1.919 0.277 C72 0.361 0.003    
C33 1.636 0.222 C73 0.368 0.001    
C34 1.566 0.166 C74 0.388 0.001    
C35 1.494 0.130 C75 0.360 0.000    
C36 1.507 0.094 C76 0.375 0.000    
C37 1.465 0.094 C77 0.346 0.000    
C38 1.332 0.093 C78 0.317 0.000    
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Table 4.1. Continued. 
(b) 
Yellow Wax Wt. (%) 
C No. Total n-C18~80 C No. Total n-C18~80 C No. Total n-C18~80 
C1 0.000  C39 1.081 0.151 C79 0.119 0.000 
C2 0.010  C40 1.038 0.140 C80 0.100 0.000 
C3 0.060  C41 0.884 0.132 Total 100.000 18.784 
iC4 0.030  C42 0.832 0.125    
nC4 0.160  C43 0.790 0.121    
iC5 0.120  C44 0.737 0.111    
nC5 0.320  C45 0.751 0.104    
C6 0.787  C46 0.720 0.095    
C7 1.626  C47 0.704 0.096    
C8 3.573  C48 0.739 0.088    
C9 3.322  C49 0.665 0.076    
C10 3.158  C50 0.675 0.066    
C11 2.896  C51 0.662 0.063    
C12 3.018  C52 0.584 0.060    
C13 3.192  C53 0.599 0.057    
C14 3.219  C54 0.607 0.045    
C15 3.111  C55 0.530 0.048    
C16 3.098  C56 0.566 0.045    
C17 2.949  C57 0.500 0.047    
C18 2.933 1.523 C58 0.482 0.034    
C19 2.785 1.531 C59 0.480 0.037    
C20 2.667 1.423 C60 0.459 0.032    
C21 2.587 1.367 C61 0.438 0.027    
C22 2.627 1.384 C62 0.450 0.024    
C23 2.669 1.376 C63 0.443 0.023    
C24 2.517 1.299 C64 0.373 0.022    
C25 2.526 1.267 C65 0.355 0.016    
C26 2.532 1.169 C66 0.348 0.015    
C27 2.537 1.112 C67 0.365 0.012    
C28 2.504 1.014 C68 0.343 0.007    
C29 2.435 0.925 C69 0.324 0.004    
C30 2.228 0.721 C70 0.291 0.003    
C31 2.005 0.607 C71 0.210 0.002    
C32 1.718 0.479 C72 0.151 0.001    
C33 1.630 0.409 C73 0.148 0.001    
C34 1.536 0.311 C74 0.138 0.001    
C35 1.226 0.228 C75 0.155 0.000    
C36 1.191 0.180 C76 0.119 0.001    
C37 1.172 0.161 C77 0.117 0.001    
C38 1.118 0.148 C78 0.133 0.000    
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Table 4.2. Physical properties of Uintah Basin crude oils. 
Crude Oil Sample Density (g/m3) Pour Point (oC) Reid Vapor Press. 
(psig) 
Black Wax (Pariette) 0.8436 33 1.5 
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Table 4.3. Gas condensate composition by GC. 
 
Components wt % MW (g/mol) 
C2 0.01  
C3 0.06  
iC4 0.11  
nC4 0.24  
iC5 0.51  
nC5 0.57  
C6 2.65  
C7+ 95.85  
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Table 4.4. The composition of biodiesel. 












































ENERGY ANALYSIS FOR BIODIESEL PRODUCTION 
 
Figure 5.1 shows the flow chart of biodiesel production from microalgae with the 
comparison between the traditional method and the new technologies proposed in this 
dissertation. In the typical process, the algae were first cultivated in the raceway pond 
then sent to the dewatering step after matured. The flocculation was used to concentrate 
the grown algae biomass to get about 1-2 % dry biomass weight to solvent ratio.  The 
concentrated algae suspension will further concentrate by centrifuging to reach about 10-
25 % weight ratio [209]. Then, the dense algae slurry will be treated by high-pressure 
homogenization to break up the cell wall that can facilitate the oil extraction efficiency. 
The broken algae slurry will send to mixed with hexane for oil extraction. The biocrude 
extracted from solvent extraction will be converted into the final product biodiesel. The 
proposed method used the PSDB mentioned in Chapter 2 for algae cultivation and the 
CIJM mention in Chapter 3 for lipid extraction. The CIJM combined two steps: cell 
disruption and oil extraction in the traditional process into one single step.  
Since we produce biodiesel for energy purposes, the most important thing is the 
energy requirement for the process. The energy requirement for each step of the process 
is shown in Table 5.1. The energy requirement is present in the unit of the energy 
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required for the process (MJ) divided by the energy of the equivalent amount of biodiesel 
produced (MJ). The combustion heat of biodiesel is assumed to be 37.5 (MJ/kgbiodiesel), 
and the transesterification efficiency is assumed to be 90% (TAG to biodiesel) [210]. In 
this analysis, the TAG concentration in algae biomass is estimated to be 20% (w/w).  
For algae cultivation, the energy comparison between PSDBs and raceway pond 
has been made in Chapter 2. The energy requirement analysis for raceway pond was done 
by Stephenson et al. [167], are chosen to be the standard for this analysis. We here 
assume the algae growing condition and production rate are the same as the raceway 
pond standard condition. Then the energy requirement per unit weight of biomass for 
PSDBs is about 11.6% of raceway pond system. The detail energy requirement for 
dewatering can be found in elsewhere [211]. The energy required for flocculation and 
centrifugation are assumed to be 0.015 and 0.059 MJ/MJbodiesel in this analysis [167]. The 
algae weight percent came out from centrifugation is assumed to be 25%. The 
homogenization pressure is estimated to be 150 MPa for a near complete cell disruption 
[210]. The energy required for the homogenization operated with 150 MPa is 0.095 
MJ/MJbodiesel  and the detailed analysis can be found in elsewhere [212]. The pumping 
energy is assumed to be the only energy requirement of CIJM. The operating parameters 
are summarized in Table 5.2.  
The pumping energy of CIJM can be calculated by Equation 5.1: 
 𝑃!"#$ = !!!!!!! ,                                                           (5.1) 
where QL is the volumetric flow rate of the inlet of CIJM, ρL is the liquid density of inlet 
fluid, h is the total head loss in the tube, g is gravitational acceleration, and η is the pump 
efficiency of CIJM (η was assumed to be 70% in this experiment). The mixing energy for 
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the traditional method can be evaluated as a function of algae concentration, TAG 
concentration, residence time, mixing intensity, and solvent to algae ratio (Equation 5.2) 
[210].  Φ!"# = !!"#!!"#!!"#!!"#∆!!  !"#$"%&%'! !!"#$%&%!,          (5.2) 
where 𝐼!"#  is the mixing intensity, 𝑡!"#  is the residence time in CIJM,  𝑥!"#  is the 
concentration of TAG, 𝜌!"# is the density of the mixture, ∆𝐻!  !"#$"%&%'!  is the combustion 
heat of biodiesel, and 𝜂!"#$%&%!is the biodiesel conversion efficiency. The energy required 
for phase separation can be spited into three parts: separation by centrifuge (Φ!"#), 
solvent evaporation for recycling (Φ!"#$), and energy requirement due to solvent loss 
(Φ!"##). The energy required for phase separation can be estimated by Equation 5.3-5.6: Φ!!!"#  !"#$%&'() = Φ!"! +Φ!"#$ +Φ!"##,          (5.3) Φ!"# = !!"#$!!"#∆!!  !"#$"%&%'! !!"#$%&%!,          (5.4) 
Φ!"#$ = !!"#$!!"# !!"#$!!!!! (!!!!"!#$%!!"#)∆!!  !"#$"%&%'! !!"#$%&%! ,             (5.5) Φ!"## = !!"#$!!"#$%&'∆!!  !"#$%&'!!!"#∆!!  !"#$"%&%'! !!"#$%&%!,          (5.6) 
where 𝑃!"#$ is the power rate for centrifuge (assumed to be 9800 W [213]), 𝑚!"#is the 
mass flow rate of TAG flow through the centrifuge, 𝑥!"#$ is the solvent concentration, 𝜆!"#$ is the latent heat of solvent, K is the relative volatilization of water to solvent, 𝜆! is 
the latent heat of water, 𝜂!"!"#$!!"# is the recovering efficiency of solvent and water, 𝜙!"#$%&' is the solvent loss ratio (assumed to be 3 kg/tone [212]), and ∆𝐻!  !"#$%&'!  is the 
combustion heat of solvent. The detail analysis of phase separation energy requirement 
can be found in elsewhere [210]. The energy required for transesterification has been 
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estimated elsewhere, and the value of 0.119 MJ/MJbiodiesel are assigned to be used in this 
analysis [214]. 
The energy percentage for each step of biodiesel production was shown in Figure 
5.2. The two largest energy consumption steps are cultivation (31%) and phase separation 
(21%). Base on Table 5.1, the total energy requirement for making biodiesel from algae 
can be saved about 44% by using the proposed method. The total energy required for the 
biodiesel production is 0.373 MJ/MJbiodiesel, which means the whole process is energy 
positive (energy come out of the product is higher than the energy put into the process). 
However, if we consider about the combustion efficiency (35% for the internal 
combustion engine), the energy come out of biodiesel will decrease dramatically. The 
energy ratio for the process will now become 1.01 MJ/MJbiodiesel, which means we cannot 
generate energy from this process. One should also consider about distribution cost for 
the biofuel. The energy analysis shows that the process for biodiesel production from 
algae is still not energy feasible. Therefore, we should keep improving the process.  




Figure 5.1. The flow chart of biodiesel production from microalgae by traditional method 
and the proposed method (PSDB+CIJM). 
 




Figure 5.2. (a) The energy percentage for each step of biodiesel production in traditional 
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Table 5.1. The energy requirement analysis for traditional method and the proposed 







Cultivation 0.212 0.025 
Flocculation 0.015 0.015 
Centrifugation 0.059 0.059 
Homogenization 0.095 0.000 
Mixing Energy 0.018 1.27.10-9 
Phase Separation  0.156 0.156 
Tranesterfication 0.119 0.119 
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Table 5.2. Operation parameters for CIJM 
Q(ml/min) 960 
Pump Efficiency 0.7 
Pipe Length (m) 0.5 
Inner Diameter of Pipe (in) 0.25 






















CONCLUSION AND FUTURE WORKS 
 
In this dissertation, we proposed two new technologies and one application for 
biodiesel production. The idea of PSDBs was inspired by the fluid dynamic technology, 
which is highly scalable and energy efficient as well. The larger PSDBs were built by 
assembling the single unit cell reactors, which makes PSDBs fit into any shape of 
reservoir easily. We have proven that PSDBs can be used for algae cultivation.  The three 
different sized reactors (one-cell, seven-cell, and nineteen-cell) have the same production 
profiles. Thus, the scalability of PSDBs has been evidenced.  The optimal height for a 
reactor can be predicted from the proposed algae growth model. Based on the theoretical 
energy analysis, a PSDB is 88.4% energy efficient than the raceway pond system, 
because the fluid mixing in a PSDB is driven by a pump; however, the raceway pond is 
powered by a paddle wheel, which is not as efficient as a pump. The cost of the materials 
for each unit cell of a PSDB decreases when the total cell number increases. The high 
scalability and energy efficiency of a PSDB allow it to be a competitive candidate for 
algae cultivation technology.  
The CIJM was used to extract algae biocrude and facilitate the biodiesel 
production. The algae biocrude extraction can be completed in less than a second, which 
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saves a lot of processing time in comparison with traditional organic solvent extraction 
method. The wet algae suspension can be directly handled by the CIJM, which saves the 
energy for dewatering. Due to the high turbulent mixing, the diffusion scale decreases, 
the algae cell wall breaks up, and the lipids inside the cell wall are released into the liquid 
phase, which facilitates the lipid diffusion. We also evaluated the multistage extraction, 
and we found that the optimal stages can be estimated from the proposed model. The 
CIJM combines the steps of cell disruption and lipid extraction, which occurs in the 
traditional process, into one single step. The short processing time and wet extraction 
process of a CIJM allow it to be an alternative technology for algae lipid extraction.  
The biodiesel was added into the waxy crude oil (black wax and yellow wax), 
which was produced in the east Utah. The wax appearance temperature (WAT) was 
detected by FTIR method. At the 30% weight-mixing ratio (diluent weight/total weight), 
the WAT of waxy crude oils dropped from 45.1 to 42.4oC for Yellow Wax and from 41.6 
to 37.7oC for Black Wax. This result proves that biodiesel can be used as a diluent for 
waxy crude oil. 
Using PSDBs and CIJM for algae biodiesel production can save 44% of energy in 
comparison with the traditional method. The waxy crude diluent is a new application for 
the biodiesel. These achievements make algae biodiesel production more feasible and 
energy favorable. However, the technologies proposed in this dissertation are not perfect 
yet. The general ideals for PSDB and CIJM optimization are listed in the next section.   
 




 We already demonstrated the scalability of PSDB in the previous chapter. The 
next goal for this objective is to optimize the PSDB. Several factors affect the 
performance of PSDB like algae species, nutrient strategy, CO2 supply, temperature 
control, PH control, light intensity, piping system, water recycle, and dilution rate. Since 
we already proofed the scalability, all the work related to optimization can be done in the 
single cell reactor.  
 First, the algae species is the most important parameter that affects the production 
rate. Some algae grow faster, and some can produce more lipids. To get the maximum 
production rate, one should test several algae species in PSDB. One can start with the 
growing condition mention in the previous chapter.  Then choose the species with highest 
production rate to continue the rest optimization.  
Once the algae species was selected, the growing condition becomes critical for 
production rate. The growing conditions include temperature, nutrients, CO2, and PH. For 
temperature, algae growth rate should increase when the temperature increase before it 
hit the optimized temperature. Once it reaches the optimized temperature, the algae 
growth rate will start to decrease when the temperature increase. Temperature control 
system can be used to control the temperature of PSDB. Nutrients are another important 
factor for algae growing. Nitrogen-starving strategy can increase the lipids percentage 
inside of algae. Two stages of growing strategies can also be used to grow the algae. 
Carbon dioxide is one of the essential components required for algae growing. The CO2 
supply can come from the gas cylinder in the lab or a power plant outside. One can try to 
place a small nozzle at the center of the bottom, which can be countercurrent of the 
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circulation flow. The optimized PH environment should also be determined for the 
optimized algae species. 
 After finished the optimization of single unit cell reactor. The large-scale pilot 
plant should be built in the outdoor environment to evaluate the performance of PSDB in 
the open environment. The material used to make large-scale PSDB should be made of 
concrete instead of the current material acrylic.  
 
Confined Impinging Jet Mixer 
 It was demonstrated that CIJM could facilitate the microalgae lipid extraction. 
The biocurde extracted by CIJM can be converted into biodiesel by transesterification. 
The future work of CIJM should focus on the optimization of CIJM, scale-up of CIJM, 
and try to fit in the biofuel production process. 
     For CIJM optimization, there are some parameters should be tested just like: 
different organic solvents, CIJM geometry, and the effect of temperature. Due to the 
material restriction, there is only hexane been used in this thesis. One should try to make 
CIJM with chemical resistance material like Teflon, PEEK, or metal. The organic solvent 
is an important parameter of the lipid extraction. Because hexane is a nonpolar solvent, 
one can start from some polar solvent like chloroform or the combination of polar and 
nonpolar like methanol and chloroform.  The geometry of CIJM is also one of the 
parameters that can be evaluated. One can start by changing the angle of inlets or the 
shape of the mixing chamber. Temperature can facilitate the lipid extraction but will also 
increase the process cost. One can evaluate the effect of temperature by building CIJM in 
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temperature resistance material and heating it up with the water bath or just place it on 
the hot plate. 
 The cell wall strength should vary with different algae species. Therefore, the 
optimized flow rate will be different for each algae strain. One should run the CIJM test 
for several potential algae candidates to establish the optimized flow rate database. 
Productivity is the key for algae harvesting. Therefore, one can try to build a large scale 
of CIJM. There are some parameters should be determined just like the geometry ratio 
between the inlet channel and mixing chamber and the optimized flow rate for each 
geometry.   
 To simplify the algae harvesting process, one can test the straight conversion from 
algae suspension into biodiesel. The algae suspension can be mixed with methanol in a 
heated CIJM. The small mixing length scale provides by CIJM can facilitate the biodiesel 
conversion. Since all the reactions happen in such a small region, the energy required to 
produce biodiesel can be minimized. The time needed for biodiesel conversion can be 
minimized too.  
 For algae biodiesel production, there are some parameters need to be determined 
just like algae suspension concentration (algae dry biomass/algae suspension weight) and 
TAG concentration in biocrude. The algae suspension concentration for CIJM inlet has 
been evaluated in Chapter 3, but the maximum inlet concentration has not been 
determined. There should be a maximum pump able concentration for algae suspension. 
One should evaluate the biocrude yield for the highest concentration and compare to the 
results in Chapter 3. The TAG concentration in the biocrude is essential for the biodiesel 
conversion. The TAG is the target component for biodiesel conversion in the biocrude. 
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